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phagocytosis and activate an adaptive immune response by releasing cytokines and acting as antigenpresenting cells. Unfortunately, improper regulation of macrophage migration is associated with a variety
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fibronectin and functionally blocked against cell adhesion to study the migration of RAW/LR5 murine
macrophages. Using these surfaces we found that macrophage migration is biphasic with respect to
increasing surface ligand or soluble chemokine concentration, and that RAW/LR5 migration is dependent
on PI3K and ROCK signaling. We then used traction force microscopy to measure the force generation
capabilities of primary human macrophages and found that these cells generate strong forces at their
leading edge in a stiffness-dependent manner. Through the use of chemical inhbitors we showed that
force generation is dependent on myosin II contraction, PI3K signaling, and Rac signaling downstream of
the GEF Vav1, but not the GEF Tiam1. Finally, we investigated the motility and force generation of M1 and
M2 polarized primary human macrophages. We found that M1 macrophages are less motile and generate
less force than M0 or M2 macrophages, and that M2 macrophages are more motile but do not have any
change in force generation compared to M0 macrophages. We have been able to show that both
chemical signals and mechanical mechanisms contribute to macrophage migration. This work
contributes to the growing understanding of the mechanisms that govern macrophage migration and
demonstrates the importance of mechanics when studying leukocyte migration.
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ABSTRACT

THE BIOCHEMICAL AND BIOPHYSICAL MECHANISMS OF
MACROPHAGE MIGRATION
Laurel E. Hind
Daniel A. Hammer
The ability of macrophages to migrate is critical for a proper immune response.
During an innate immune response, macrophages migrate to sites of infection or
inflammation where they clear pathogens through phagocytosis and activate an adaptive
immune response by releasing cytokines and acting as antigen-presenting cells.
Unfortunately, improper regulation of macrophage migration is associated with a variety
of dieases including cancer, atherosclerosis, wound-healing, and rheumatoid arthritis. In
this thesis, engineered substrates were used to study the chemical and physical
mechanisms of macrophage migration. We first used microcontact printing to generate
surfaces specifically functionalized with fibronectin and functionally blocked against cell
adhesion to study the migration of RAW/LR5 murine macrophages. Using these surfaces
we found that macrophage migration is biphasic with respect to increasing surface ligand
or soluble chemokine concentration, and that RAW/LR5 migration is dependent on PI3K
and ROCK signaling. We then used traction force microscopy to measure the force
generation capabilities of primary human macrophages and found that these cells
generate strong forces at their leading edge in a stiffness-dependent manner. Through the
use of chemical inhbitors we showed that force generation is dependent on myosin II
vii

contraction, PI3K signaling, and Rac signaling downstream of the GEF Vav1, but not the
GEF Tiam1. Finally, we investigated the motility and force generation of M1 and M2
polarized primary human macrophages. We found that M1 macrophages are less motile
and generate less force than M0 or M2 macrophages, and that M2 macrophages are more
motile but do not have any change in force generation compared to M0 macrophages.
We have been able to show that both chemical signals and mechanical mechanisms
contribute to macrophage migration. This work contributes to the growing understanding
of the mechanisms that govern macrophage migration and demonstrates the importance
of mechanics when studying leukocyte migration.

viii

TABLE OF CONTENTS

ACKNOWLEDGEMENTS .................................................................................................... IV
ABSTRACT .............................................................................................................................. VII
LIST OF TABLES .................................................................................................................. XII
LIST OF FIGURES ............................................................................................................... XIII
CHAPTER 1: INTRODUCTION ......................................................................................... 1
MOTIVATION ....................................................................................................................................... 1
Specific Aim 1: Macrophage Chemokinesis on Microcontact Printed PDMS Substrates ..................... 3
Specific Aim 2: Traction Force Generation by Primary Human Macrophages .................................... 3
Specific Aim 3: Traction Force Generation by M1 and M2 Polarized Primary Human Macrophages 4
REFERENCES ....................................................................................................................................... 5

CHAPTER 2: BACKGROUND ............................................................................................ 7
IMMUNITY ............................................................................................................................................ 7
MACROPHAGE BIOLOGY ................................................................................................................. 8
MACROPHAGE MIGRATION .......................................................................................................... 15
CHEMOKINESIS................................................................................................................................. 19
ENGINEERED PLATFORMS FOR STUDYING CELL MIGRATION ........................................... 22
SUBSTRATE ELASTICITY AND CELLULAR BEHAVIOR ........................................................... 26
MEASURING TRACTION FORCES ................................................................................................. 30
REFERENCES ..................................................................................................................................... 49

CHAPTER 3: MACROPHAGE CHEMOKINESIS ON MICROCONTACT
PRINTED PDMS SUSBTRATES ..................................................................................... 59
ix

ABSTRACT .......................................................................................................................................... 59
INTRODUCTION ................................................................................................................................ 61
MATERIALS AND METHODS .......................................................................................................... 64
RESULTS ............................................................................................................................................. 68
DISCUSSION ....................................................................................................................................... 90
CONCLUSIONS ................................................................................................................................... 96
REFERENCES ..................................................................................................................................... 97

CHAPTER 4: FORCE GENERATION BY MOTILE PRIMARY HUMAN
MACROPHAGES................................................................................................................. 101
ABSTRACT ........................................................................................................................................ 101
INTRODUCTION .............................................................................................................................. 102
MATERIALS AND METHODS ........................................................................................................ 106
RESULTS ........................................................................................................................................... 111
DISCUSSION ..................................................................................................................................... 120
CONCLUSIONS ................................................................................................................................. 124
REFERENCES ................................................................................................................................... 125

CHAPTER 5: MOTILITY AND FORCE GENERATION OF M1 AND M2
POLARIZED MACROPHAGES ...................................................................................... 129
ABSTRACT ........................................................................................................................................ 129
INTRODUCTION .............................................................................................................................. 131
MATERIALS AND METHODS ........................................................................................................ 134
RESULTS ........................................................................................................................................... 140
DISCUSSION ..................................................................................................................................... 146
CONCLUSIONS ................................................................................................................................. 149
REFERENCES ................................................................................................................................... 150

CHAPTER 6: CONCLUSIONS AND FUTURE WORK........................................... 153
x

SPECIFIC AIMS ................................................................................................................................ 153
SPECIFIC FINDINGS ....................................................................................................................... 153
FUTURE WORK ................................................................................................................................ 157
FINAL THOUGHTS .......................................................................................................................... 162
ACKNOWLEDGEMENTS ................................................................................................................ 163
REFERENCES ................................................................................................................................... 164

xi

LIST OF TABLES

Table 3.1: Alpha values for RAW/LR5 macrophages on varying
concentration of fibronectin……………………………………………...78

xii

LIST OF FIGURES
Figure 2.1: Macrophage differentiation as described by the Mononuclear
Phagocyte System………………………………………………………..10
Figure 2.2: Macrophage polarization……………………………………………………14
Figure 2.3: Macrophage motility signaling……………………………………………...17
Figure 3.1: Microcontact-printing of fibronectin on PDMS…………………………….69
Figure 3.2: Adhesion staining of RAW/LR5 macrophages on PDMS surfaces
coated with fibronectin…………………………………………………..71
Figure 3.3: Biphasic motility of RAW/LR5 macrophages……………………………...73
Figure 3.4: Biphasic motility of murine bone-marrow derived macrophages
(BMMs)…………………………………………………………………75
Figure 3.5: RAW/LR5 macrophage motility on PDMS surfaces coated with
fibronectin………………………………………………………………..76
Figure 3.6: Motility of RAW/LR5 cells with reduced endogenous Cdc42 and
chemically inhibited PI3K……………………………………………….79
Figure 3.7: Migration of RAW/LR5 macrophages with inhibited ROCK
signaling………………………………………………………………….83
xiii

Figure 3.8: Quantitative analysis of RAW/LR5 migration……………………………...87
Figure 4.1: Primary human macrophages on polyacrylamide gels of
increasing stiffness……………………………………………………...112
Figure 4.2: Traction contour maps of migrating macrophage…………………………114
Figure 4.3: Macrophage force generation with rear contraction inhibition…………….116
Figure 4.4: Macrophage force generation with leading edge inhibition……………….117
Figure 5.1: Motility of polarized macrophages………………………………………...141
Figure 5.2: Traction force generation by polarized macrophages……………………..143
Figure 5.3: Traction force generation by polarized macrophages under
ROCK inhibition………………………………………………………..145
Figure 6.1: Primary human macrophage transfected with LifeAct-GFP……………….161

xiv

CHAPTER 1: INTRODUCTION

MOTIVATION
An effective immune response is necessary for maintaining homeostasis and
health in the human body. In order to protect against disease and persistent
inflammation, cells of the immune system must be able to migrate efficiently to sites of
infection and injury [1]. Macrophages are members of the innate immune response and
act as first responders, migrating to sites of infection wherein they phagocytose
pathogens and act as antigen presenting cells to activate the adaptive immune response
through cytokine release. Improper macrophage migration has been linked to several
auto-immune diseases [2]. Migrating macrophages have been associated with the egress
of tumor cells away from primary tumors and into blood vessels, and are often linked to
metastasis [3, 4]. Macrophages also migrate to and become primary components of
atherosclerotic plaques [5]. Like other leukocytes, macrophages migrate in response to
gradients and uniform fields of chemokines released by pathogens and inflamed tissues
[6]. In order to migrate to sites of infection, macrophages bind the extracellular matrix
through cell surface adhesion receptors known as integrins [7]. Overall macrophage
function is dependent on the integration of the signals generated by chemokine
engagement and integrin – ligand binding to ensure proper directional migration. It is
therefore critical that we understand how these signals contribute to macrophage
1

migration and how defects in these signaling events can lead to the various pathologies
that impair immune function and contribute to disease.
In addition to cytokine activation and integrin – ligand binding, cells must be able
to generate traction force against their underlying substrate in order to migrate efficiently.
Traction forces have been studied in anchorage-dependent cells such as endothelial cells
and fibroblasts for over a decade [8-10], but only recently has the measurement of
traction forces extended to cells of the immune system, or amoeboid cells, such as
neutrophils and dendritic cells [11, 12]. The type of motility employed by these two
classes of cells is very different, and the traction forces they exert were found to vary in
both magnitude and location. Anchorage-dependent cells are slow-moving cells that
create focal adhesions and have strong forces at their leading edge. Amoeboid cells are
generally faster moving cells that do not create focal adhesions and produce much weaker
forces than anchorage-dependent cells. Interestingly, amoeboid cells do not all share a
common force distribution pattern. Neutrophils have their strongest forces in the rear of
the cell and use a squeezing mechanism to move [11], whereas dendritic cells concentrate
their forces at the leading edge of the cell pulling them forward [12]. The magnitude and
distribution of forces may correlate to the mechanisms that cells use to migrate, and
because there is consistency for how forces are distributed it is important to investigate
the force generation of each cell type. It is critical that we develop a complete model of
macrophage migration to better understand the role of macrophages in both healthy and
diseased tissues. Thus, the objective of this thesis, outlined in the specific aims below, is
to use engineered platforms to determine the biochemical and biophysical cues involved
in macrophage migration.
2

Specific Aim 1: Macrophage Chemokinesis on Microcontact Printed PDMS
Substrates
We first hypothesize that the chemokinesis of macrophages can be quantified with
respect to surface ligand concentration using engineered substrates. In this aim we will
create PDMS surfaces microcontact printed with fibronectin at increasing concentrations
to observe the migration of immortalized murine macrophages of the RAW/LR5 line in a
uniform field of the chemokine CSF-1. A variety of inhibitors and knockdown cell lines
will be used to determine which signaling molecules are required for macrophage
migration. Macrophages will be seeded on microcontact printed fibronectin, and their
displacements will be tracked over time to calculate their random motility coefficients as
a function of ligand concentration.

Specific Aim 2: Traction Force Generation by Primary Human Macrophages
We next hypothesize that macrophages will generate strong traction forces at their
leading edges due to the highly protrusive nature of their migration. Force generation by
cells on their substrates has been shown to affect many cellular processes, including
migration. The traction forces of mesenchymal cells as well as neutrophils and dendritic
cells have been studied at length, but to date the tractions generated by macrophages have
not been determined. In this aim, we will characterize the magnitude and distribution of
forces generated by primary human macrophages; we will also determine which
molecules are necessary for force generation. Primary human macrophages, with or
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without a chemical inhibitor against signaling molecules, will be seeded on compliant
polyacrylamide gels and their forces will be measured using traction force microscopy.

Specific Aim 3: Traction Force Generation by M1 and M2 Polarized Primary
Human Macrophages
Finally, it is now known that macrophages encompass a heterogeneous population of
cells that have been polarized down either a classical, pro-inflammatory (M1) pathway or
an alternative, anti-inflammatory (M2) pathway. These polarized macrophages display
different surface molecules, secrete different cytokines, and play different roles in the
immune response. We hypothesize that macrophages polarized down an M1 pathway
will generate significantly lower forces than macrophages polarized down an M2
pathway because it has been previously shown that M1 macrophages have reduced
migratory capabilities compared to M2 macrophages [13]. In this aim, we will compare
and contrast the forces generated by M1 polarized macrophages and M2 macrophages.
Primary human macrophages will be seeded on compliant polyacrylamide gels and then
polarized down either an M1 pathway using LPS and INFγ or an M2 pathway using IL-4
for 24 hours. The traction forces of these macrophages will then be measured using
traction force microscopy.
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CHAPTER 2: BACKGROUND

IMMUNITY
The immune system is designed to protect the human body from infection and
assist in injury resolution. It is comprised of two interacting responses: the innate
immune response and the adaptive immune response. The innate immune response is the
body’s first line of defense against infection. Cells of the innate immune system
recognize and destroy pathogens in a generic way without lasting or protective immunity.
Innate immune cells also release chemical signals and present antigens on their surface to
activate an adaptive immune response. In contrast to the innate response, the adaptive
immune response is highly specific to an individual pathogen and provides
immunological memory, protecting the body against a subsequent attack by the same
pathogen.
Both the innate and adaptive immune responses are carried out by specialized
blood cells known as leukocytes. This diverse group of cells is tasked with recognizing
and destroying foreign pathogens, resolving inflammation, targeting cells for destruction,
and protecting against a variety of diseases. In order to properly carry out these
functions, leukocytes must be able to quickly and effectively migrate to sites of infection
and areas of the body in which they are needed. Improper migration of leukocytes can
cause a breakdown in the immune response and is associated with many disease
pathologies, increased infections, and risk of death.
7

MACROPHAGE BIOLOGY
The Discovery and History of Macrophages
Macrophages were discovered in the 1880’s by a Russian scientist named Elie
Metchnikoff. Metchnikoff is considered one of the founders of immunology and for his
discovery of macrophages, along with his other contributions to the field, he was awarded
the Nobel Prize for Medicine in 1908 along with another immunologist, Paul Ehrlich [1].
Metchnikoff was originally interested in how simple organisms engulfed nutrients
without a fully developed digestive system. While studying the cellular uptake of food
particulates in transparent starfish larvae, he observed cells engulfing microbes and
hypothesized that this process was the mechanism by which the host was protected
against infection [2]. He theorized that there were specialized cells within the organism
that attack and ingest foreign bodies and he named these cells phagocytes, from the
Greek words “phage” meaning “to eat” and “cite” meaning “cell” [1]. To test his
hypothesis, he challenged Daphina, a type of water flea, with spores of an infectious
fungus and observed phagocytes within the fleas surrounding and engulfing the spores
[3]. He identified two types of phagocytes: microphages, smaller cells with polymorphic
nuclei, and macrophages, large cells with single nuclei [2]. He further tested his theory
of phagocytic protection against foreign bodies on higher species including mammals
confirming the role of phagocytes in natural immunity at all levels of life [3].
It was not until the 1960’s that it became clear that macrophages are ultimately
derived from bone marrow precursors. This “Mononuclear-Phagocyte System” (or MPS)
as reported by van Furth et al. [4] grouped highly phagocytic cells together, separating
8

them from other lymphocytes, by their origin, life span, and function within the body.
Van Furth had previously determined that both inflammatory and tissue macrophages are
derived from blood monocytes that ultimately originate in the bone marrow [5]. The
MPS explained the differentiation path from precursor cells found in the bone marrow
(now known as hematopoietic stem cells), to promonocytes in the bone marrow (now
termed common myeloid progenitors), to circulating monocytes in the blood, to fully
differentiated macrophages found in most tissues within the body [4]. This
differentiation path laid out by van Furth and colleagues is still largely what we know to
be true today (Figure 1.1).
The most recent advance in macrophage biology has been the discovery that
macrophages are not only diverse in function but can be activated along different paths
by exposure to different chemical signals. It has long been known that macrophages can
be activated by microbial signals such as interferon-γ or lipopolysaccharide, but only
recently has it been discovered that macrophages can also be alternatively activated by
anti-inflammatory signals such as IL-4, IL-10, and IL-13 [6, 7]. These “polarized”
macrophages, classified M1 or “classically activated” and M2 or “alternatively activated”
macrophages, were found to differ in surface receptor expression, cytokine and
chemokine production, as well as effector function [8]. Finally, in the last decade it has
been determined that the set of macrophages previously designated M2 is actually a
collection of several subsets of distinct macrophage populations, termed M2a, M2b, M2c,

9

Figure 1.1: Macrophage differentiation as described by the Mononuclear Phagocyte
System. HSC: hematopoietic stem cell. CMP: common myeloid progenitor. MDP:
Macrophage-Dendritic Cell Progenitor. Adapted from [9].
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and M2d [10, 11]. It is clear that the full spectrum of macrophage diversity has not yet
been determined and new subsets of cells with diverse functions and properties will
continue to emerge.

The Lifetime and Role of Macrophages
Macrophages are large, terminally differentiated, phagocytic cells that reside in
almost all tissues in the human body. Macrophages arise primarily from circulating
monocytes in the blood. Like all blood cells, monocytes begin as multipotent
hematopoietic stem cells in the bone marrow. In the bone marrow, these stem cells go
through a series of sequential differentiation steps: first becoming a common myeloid
progenitor, then a granulocyte/macrophage precursor, then a monoblast, and finally a promonocyte [12]. Pro-monocytes then become monocytes which are released by the bone
marrow into circulation. In response to a signal, such as colony-stimulating factor-1 or
CSF-1 (also known as macrophage colony-stimulating factor or M-CSF), monocytes
enter tissues and differentiate into macrophages.
Macrophages have two main roles in maintaining homeostasis. Mature, tissueresident macrophages are located throughout the body and provide immune surveillance,
monitoring their immediate surroundings for signs of tissue damage or infection. They
phagocytose damaged or necrotic tissue and are primed to activate an immune reaction in
response to danger signals [13]. Macrophages are often among the first cells to encounter
a pathogen, and upon phagocytosing the intruder they become activated, killing the
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pathogen itself and releasing cytokines to recruit other immune cells to the site of the
infection [14].

Macrophage Polarization
Macrophages are a heterogeneous group of cells. They reside in different tissues
throughout the body and perform a variety of functions based on stimuli from their
environment. Two main macrophage phenotypes have emerged to categorize the
functional diversity of macrophages in the body (Figure 1.2). “Classically activated” or
M1 macrophages are pro-inflammatory cells that release cytokines to recruit other
immune cells to sites of infection. In contrast, “alternatively activated” or M2
macrophages are involved in the resolution of inflammation and are considered antiinflammatory. They release cytokines and function to clear inflammation and promote
tissue repair and remodeling [15]. In reality, these subtypes simply categorize a spectrum
of functional phenotypes present in vivo into two extremes. Some researchers have
further classified the M2 macrophages into subsets: M2a, M2b, and M2c [16] and others
have proposed a color wheel of activation [11] pointing to the diversity of signals and
phenotypes found within the body. These phenotypic distinctions are clearly important to
consider when studying the behavior of macrophages.
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Macrophages in Disease
In addition to their healing roles as members of the innate immune system,
macrophages are also associated with a variety of disease pathologies including autoimmune diseases, cancer, and atherosclerosis.
Many autoimmune diseases are caused or worsened by macrophage activity. In
rheumatoid arthritis, synovial fibroblasts produce large quantities of the macrophage
chemokine CSF-1, which recruits monocytes and macrophages into the inflamed joints.
Monocyte differentiation into osteoclasts then causes loss of bone, and uncontrolled
macrophage tissue-remodeling results in severe tissue damage [19]. It has also recently
been shown that impaired macrophage migration contributes to pyogenic sterile arthritis
pyoderma gangrenosum and acne (PAPA) syndrome, which is a disorder characterized by
destructive inflammation of the skin [20].
Macrophages are also associated with progression and metastasis of several types
of cancer. Tumor-associated macrophages (TAMs) have been correlated with a poor
prognosis in breast, prostate, bladder, kidney, esophageal, and other types of cancer [21].
This poor prognosis is a result of several processes in which macrophages are thought to
assist growing tumors by supporting tumor invasion, growth, and angiogenesis [21].
Macrophages are also thought to play a role in metastasis of tumors. It has been shown
that macrophages and tumor cells communicate with each other through an EGF-1/CSF-1
paracrine signaling loop [22] and that this signaling increases the migration of both cell

13

Figure 1.2: Macrophage polarization. Macrophages can be polarized into proinflammatory M1 macrophages or anti-inflammatory M2 macrophages. These polarized
macrophages release different cytokines and express different surface receptors.
Redrawn from data presented in [15, 17, 18].
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types. Macrophages and tumor cells have also been observed co-migrating away from
tumors and into the vasculature, further indicating a role for macrophages in metastasis
[23]. Finally, macrophages in the tumor environment play an immunosuppressive role,
limiting the effectiveness of other immune cell responses [21].
Macrophages also play a major role in atherosclerosis. Macrophages are the first
leukocytes to invade atherosclerotic plaques. Within the plaques, macrophages
phagocytose low-density lipoproteins, or LDL, and become large foam cells. A buildup
of these cells can lead to vascular occlusion. The level of cell death present in these
plaques can also cause inflammation and further infiltration of monocytes and
macrophages [24].

MACROPHAGE MIGRATION
Macrophage Polarity
An effective immune response depends on the ability of leukocytes to migrate
through the vasculature and tissues to sites of infection and inflammation. Macrophages,
in particular, must be able to migrate while monitoring their surroundings as well as in
response to a pathogenic signal. In order to efficiently migrate, all cells must polarize
and reorganize their cytoskeleton [25]. This polarization is generally considered to split
the cell into two main regions: the “front” and the “rear” of the cell. The front leading
edge, or pseudopod, consists of lamellipodia or filopodia, two types of F-actin-rich
protrusions. Lamellipodia are broad, flat protrusions whereas filopodia are long, thin
15

projections. Both types of protrusions are seen in macrophage migration downstream of
different signaling pathways [26]. These frontal protrusions drive the cell forward
through actin polymerization and the formation of nascent adhesions to the substratum.
The rear trailing edge, or uropod, is characterized by myosin II contraction and the
detachment of old adhesions from the substratum, allowing translocation of the cell. It is
thought that the two poles of a cell are governed by specific and distinct signaling
pathways (Figure 1.3). Actin polymerization molecules such as Arp2/3 and
WASp/WAVE as well as PI3K, Rac, and Cdc42 are found at the leading edge of cells. In
macrophages, WASp signaling at the leading edge is specifically thought to lead to
filopodial protrusions, whereas WAVE signaling leads to lamellipodial protrusions. The
trailing edge of macrophages contains molecules associated with myosin II contraction
such as RhoA and ROCK [26]. The specific localization of these molecules is still a
hotly contested topic and new findings may lead to a revision in thinking on the driving
force behind cell polarity.

Macrophage Motility
Almost all cells are capable of migration but the types and properties of migration
vary greatly. Cell migration has generally been described as a cyclic process that can be
broken down into five distinct steps: (1) cell polarization creates a leading edge, (2) the
leading edge protrudes due to actin polymerization, (3) nascent adhesions form under the
extended protrusion connecting the cell to the underlying extracellular matrix, (4) the cell
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Figure 1.3: Macrophage motility signaling. A schematic of the signaling pathways
activated by the CSF-1 receptor and integrins downstream of PI3K. Rho GTPases are
activated downstream of both signaling receptors and their outcomes in the actin-myosin
pathways are shown. Adapted from data presented in [26, 27].
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body is translocated forward due to actomyosin-contraction, (5) old adhesions in the rear
of the cell detach. This process most correctly describes the migration of large, slow
mesenchymal cells such as endothelial cells and fibroblasts. Leukocytes are required to
move much more quickly throughout the body and therefore more commonly use a form
of migration known as amoeboid migration. Cells undergoing amoeboid migration do
not create classical adhesion structures seen in mesenchymal cells such as stress fibers or
focal adhesions. They instead create weak, short-lived adhesions and use squeezing
mechanisms to move through small spaces such as tight junctions. Their migration is
also much faster and more highly dynamic. Recent work even suggests that dendritic
cells do not require any adhesions for interstitial migration [28]. Neutrophils and
dendritic cells both display classical amoeboid motility and their migration has been
intensely studied [29, 30].
Macrophages migrate more slowly than other leukocytes such as neutrophils or T
cells, but they are considerably faster than mesenchymal cells such as epithelial cells or
fibroblasts [26, 31]. Consistent with their intermediate migration speed, macrophages
have been found to be capable of migrating using either amoeboid or mesenchymal
migration, depending on the structure of the surrounding matrix [32]. Human
macrophages were found to use the mesenchymal mode to migrate through dense 3D
gels, and the amoeboid mode to migrate when in more porous fibrillar gels. Their
mesenchymal migration was dependent on protease mediated matrix remodeling [32].
Unlike large mesenchymal cells, macrophages do not form large focal adhesions
to their underlying substratum. Instead, they form small punctate adhesions called
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podosomes. Podosomes are F-actin-rich structures that contain a number of adhesion
proteins commonly found in focal adhesions such as FAK, paxillin, and vinculin.
Podosomes are regularly found under the leading edge of migrating cells and have been
linked to macrophage chemotaxis and matrix degradation [33].

CHEMOKINESIS
Receptor – Ligand Binding Kinetics
Receptor–ligand kinetics can be used to predict how cells will respond to a free
chemokine in solution by modeling the interaction between the chemokine and its cellsurface receptor. The equilibrium binding between a free receptor R and a free ligand L
to form a receptor/ligand complex C in a simple reversible reaction can be written as

where the relevant rate constants are the association rate constant kf and the dissociation
rate constant kr. Using mass action kinetics, we can solve for the time rate of change for
the receptor/ligand complex C as a function of the free receptor R and ligand
concentration L

Under steady–state conditions, the rate of change of the complex becomes zero and the
receptor–ligand binding equation can be solved for the complex concentration
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where

and is known as the equilibrium dissociation constant. The values of KD

span a wide range from 10-12 M for high affinity interactions to 10-6M for low affinity
binding. If we assume that the ligand concentration is nearly constant and the number of
receptors on the cell surface is not changing, we can solve for the number of
receptor/ligand complexes at equilibrium, Ceq,

where RT represents the total number of receptors on the cell surface [34].
Differential receptor occupancy theory tells us that there are an ideal number of
bound receptor/ligand complexes on a cell that will lead to optimal chemokinesis [35]. If
the concentration of ligand in the system is much lower than the KD

then

and the cell will not sense the presence of the chemokine. Conversely, if the
concentration of the ligand is much higher than the KD

then

meaning all available receptors will be bound, causing receptor saturation. However,
when the concentration of the chemokine is near the KD then

and only half

of the receptors are bound, causing a differential in the receptor occupancy around the
cell, allowing for intercellular signaling to drive migration.
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The theory of receptor occupancy predicts the observed result that cells
undergoing chemokinesis have a biphasic response to increasing chemokine or surface
ligand concentration [30, 31, 36, 37].

Quantifying Chemokinesis
The most basic form of migration in a uniform environment lacking any
directional cues is called random motility and is well described by a persistent random
walk model [38]. Over short periods of time, cells will seem to move in a straight path
while over long periods of time, the cells movement resembles Brownian motion. Each
cell type has characteristic properties that describe its movement. The first property of
migration is the speed of the cell, defined as the displacement of the cell body over time.
The second property of migration is the persistence time of the cell, defined as the
average time between significant changes in the cell’s direction of motion. Among all
cell types, these two properties are roughly inversely correlated with each other. It is
intuitive to consider this fact. Fast cells must constantly survey their surroundings or risk
going too far in the wrong direction, whereas slow cells must make small adjustments but
continuously move in a single direction or risk traversing the same area.
The average speed and persistence time for a cell population can be quantitatively
determined by tracking the cell path over time and fitting the data to the Dunn equation
for mean-squared-displacement [38]

21

The values of speed and persistence time can then be used to determine the random
motility coefficient (µ) for the population of cells

where n is the dimensionality of the system; n = 2 for two-dimensional motility and n = 3
for three-dimensional motility. The random motility coefficient for cell migration is
analogous to a diffusion coefficient for gas particles, it characterizes the dispersion of the
cell population in space [39].

ENGINEERED PLATFORMS FOR STUDYING CELL MIGRATION
The ability to engineer cellular microenvironments for studying cell migration in
the laboratory has allowed a greater number of physiological features to be brought into
in vitro work, increasing the relevance and impact of new discoveries. The use of soft
lithography in the creation of polymer-based devices, stamps, and molds with features on
the micron and nanometer scale has allowed for the creation of many of these newly
engineered environments [40, 41].
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Polydimethylsiloxane (PDMS)
Polydimethylsiloxane (PDMS) is widely used in the creation of engineered
cellular devices. PDMS is a member of the family of organic silicon polymers known as
silicones. For a number of reasons, PDMS is the most commonly used silicone in
biological applications. The rheological properties of PDMS make it suitable for casting
complex structures and maintaining these features after curing. After curing, PDMS is
stiff enough to withstand large amounts of pressure, allowing its use in microfluidics. It is
also optically clear, making it ideal for imaging purposes [42]. The shear modulus of
PDMS can also be varied from 100 kPa to 10 MPa by altering the ratio of the elastomer
to the curing agent [43]. While not fully bio-compatible, PDMS is considered to be inert
and non-toxic. After polymerization, the surface of PDMS is hydrophobic and the Si
surface chemistry makes it difficult for polar solvents to wet the surface, creating an
attractive binding field for hydrophobic compounds such as proteins. Plasma or UV
ozone treatment can be used to oxidize the surface, creating silanol (Si-OH) groups at the
surface temporarily rendering the surface hydrophilic before hydrophobic recovery can
occur. Finally, PDMS can be functionally blocked against cell attachment through
chemical interaction with the family of co-polymers known as pluronics [29]. This
presents a major advantage over typical surfaces used for cell motility experiments such
as glass and tissue culture plastic because it guarantees specificity of cell-surface
interactions.
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Photolithography and Soft Lithography
Photolithography was developed in the 1950’s to aid in the manufacture of
semiconductors and involves the etching of complex patterns into very flat surfaces. Spin
coating is used to deposit a very thin layer of photoresist onto a perfectly flat silicon
wafer. There are two types of photoresist; negative photoresists cure when exposed to
light and positive photoresists degrade upon exposure to light [44]. Separately, the
desired pattern is turned into a high-resolution photomask, considering the type of
photoresist being used. The pattern is transferred to the photoresist by shining coilluminated light through the mask creating a master. A negative replica can be cast with
PDMS by pouring uncured PDMS over the master and then allowing the polymer to fully
crosslink.
Soft lithography, invented by George Whitesides in the 1990’s [41], builds upon
this process and uses photomasks, polymer stamps, and molds to fabricate and replicate
patterns. The term “soft” comes from the use of elastomeric substrates such as PDMS in
the process. The process of soft lithography is comprised of two steps. First, a master is
created by fabricating a pattern onto a substrate and second, that pattern is used to
produce a negative of the pattern’s relief structure in an elastomeric substrate. The
master can be created in a number of ways but is often fabricated using photolithography
techniques. Many elastomeric replicates can be created from a single master and often
these replicates can be used to generate a copy of the original master [41, 44].
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Microcontact Printing
Two-dimensional motility assays are often performed on glass or tissue culture
plastic that has been incubated with an adhesive ligand and blocked with a solution of
bovine serum albumin (BSA). The BSA is intended to cover or “block” regions of the
surface not otherwise functionalized with ligand to discourage non-specific cell-substrate
interactions. Unfortunately, it has been shown that leukocytes are capable of interacting
with BSA-blocked surfaces; specifically it was discovered that human neutrophils bind
BSA directly through the integrin αMβ2 [29]. Microcontact printing allows for the
creation of surfaces specifically functionalized with adhesive regions surrounded by nonadhesive regions, allowing greater control over the cellular microenvironment.
Microcontact printing, developed by George Whitesides [41], involves the
transfer of “inked” protein from a flat PDMS stamp onto a substrate. Surfaces
specifically functionalized and completely blocked against cell-substrate interactions can
be created by microcontact printing proteins onto a substrate of spin-coated PDMS
followed by functional blocking of the PDMS with pluronics. These surfaces are an ideal
platform for motility assays, allowing for the investigation of cell-protein interactions
without confounding cell-substrate adhesions. The combination of microcontact printing
and soft lithography has also allowed for the creation of surfaces specifically patterned
with protein lines and islands of precise width and area [23, 45].
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SUBSTRATE ELASTICITY AND CELLULAR BEHAVIOR
Many cells in the body are anchorage dependent and must attach to a surface in
order to survive. Even cells that do not require attachment, like many leukocytes, often
create attachments to their surrounding environment. These attachments between the cell
and the substrate can generate ‘outside-in’ signals, including mechanical signals
pertaining to the stiffness of the substrate and chemical signals pertaining to the type of
ligand and adhesiveness of the substrate. Cells are constantly probing their surroundings
using these attachments and changing their behavior based on mechanical cues from their
environment. It is especially important to understand how cells respond to changes in the
mechanics of their environment because many disease pathologies, such as the
development of solid tumors in cancer or the formation of caps in atherosclerotic plaques,
are associated with a change in tissue stiffness [46-48].
Substrate stiffness is a proven regulator of many cell behaviors. It has been
shown that the stiffness of their underlying substrate regulates the adhesion and spreading
of 3T3 fibroblasts [49]. Smooth muscle cells have also been shown to correlate
spreading with substrate stiffness [50]. Cells can also undergo durotaxis, migrating up or
down a gradient of changing stiffness. Fibroblasts have been shown to preferentially
migrate from a softer substrate to a stiffer substrate. They will also choose to turn around
and continue migrating on a stiffer substrate if they encounter a softer substrate in their
path [51]. Smooth muscle cells have also been shown to exhibit durotaxis, accumulating
in the stiffer regions of a substrate with a compliance gradient. It has further been shown
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that they migrate with increased speed on the compliance gradient when compared to a
gel of consistent stiffness, further indicating a preference for the stiffer surface [52].
It has also been shown that cells can communicate through the substrate via the
traction stresses they exert, and this communication is substrate stiffness dependent [53].
The distance a cell could pull on the substrate was measured by plating cells on
compliant polyacrylamide gels with embedded fluorescent beads and measuring the
furthest bead movement from the cell. The stiffer the substrate, the less the cell was able
to pull on it up to a threshold stiffness where the cell cannot exert enough traction stress
to pull the substrate at all. Any cells within the area of the gel that could be pulled by the
cell would feel those traction stresses through the substrate and communicate through
their generated forces. In addition to affecting how cells communicate with each other,
substrate stiffness can also alter the interaction of cells [53]. On soft substrates, cells will
come into contact with each other frequently and stay within close proximity of each
other over time. On much stiffer gels, cells only briefly interact and then immediately
separate and migrate away from each other. Consistent with these extremes, cells on
intermediate stiffness will come in and out of contact with each other, staying near each
other but not as close together as cells on soft gels [53]. These results show that substrate
stiffness not only affects the behavior of individual cells but also drives cellular
interactions.
Substrate elasticity has also been shown to influence the cell cycle. Multiple
types of cells including mammary epithelial cells, vascular smooth muscle cells, and
osetoblasts, were shown to rarely enter the G1 phase and progress to the S phase of the
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cell cycle when plated on soft hydrogels. The number of cells entering G1 from both
quiescence and cycling from G2/M phase, however, increased with the stiffness of the
underlying substrate [53].
Substrate elasticity has been shown to play a major role in the differentiation of
stem cells and provides sufficient signaling to drive the commitment of stem cells
without the addition of growth factors [54]. Mesenchymal stem cells (MSCs) plated and
maintained in identical growth media were found to exhibit cell morphologies, RNA
profiles, transcription factors, and cytoskeletal markers consistent with neuronal
differentiation when plated on substrates with an elasticity comparable to brain tissue (E
~ 0.1-1 kPa), myoblast differentiation when plated on substrates with the elasticity of
muscle (E ~ 8-17 kPa), and osteoblast differentiation when plated on substrates with the
elasticity similar to bone (E ~ 25-40kPa). The MSCs grown on lineage specific matrices
were found to be less plastic and more resistant to induction by lineage specific induction
media. All of the compliance-directed differentiation can be abrogated by eliminating the
cell’s ability to detect the stiffness of the substrate through inhibition of actin-myosin
contraction, with blebbistatin to block myosin II activity or ML7 to block myosin light
chain kinase activity.
It has been further suggested that the ability of cells to generate tension on their
substrate is the driving factor behind this stiffness-driven differentiation as cell spreading
has also been shown to direct stem cell fate [55]. MSCs that are allowed to spread over a
large area and generate traction stresses differentiate into osetoblasts, whereas MSCs
restricted to small islands undergo adipogenesis. This cell area-driven differentiation was
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also reduced without actin-myosin contraction through inhibition of the RhoA kinase
ROCK or myosin II.
It has been shown that substrate stiffness can promote or inhibit cellular
invasiveness [48]. When non-tumorigenic cells are grown on substrates with an elasticity
near that of normal breast tissue, they display normal acini with a central lumen. On a
stiffer substrate, these cells lose their organization and polarity and display a malignant
phenotype. The increased stiffness leads to integrin clustering and induces the formation
of focal adhesions resulting in contractility within the cell. Furthermore, without Rho
activity, tumorigenic cells on stiff substrates lose their malignant phenotype. These
results indicate that substrate stiffness can drive non-tumorigenic cells to become
malignant and induce tumorigenic cells to become non-invasive.
Substrate stiffness has been shown to regulate cell behavior in neutrophils in
many of the same ways as it does in mesenchymal cells. Substrate stiffness has been
shown to affect the spreading of neutrophils with cells plated on stiff polyacrylamide gels
(E ~ 12 kPa) spreading over a much larger area than cells on soft polyacrylamide gels (E
~ 2 kPa) [56]. The stiffness of the underlying substrate also has a significant effect on the
chemotactic migration of neutrophils. Increasing the stiffness of the substrate led to a
significant increase in the chemotactic index of the neutrophils over a range of
chemotactic gradients. In addition to the increase in chemotactic index, it was found that
neutrophils were able to generate higher traction stresses on stiffer gels in either a
chemotactic or chemokinetic system [56, 57]. It was further shown that the ability of the
neutrophils to organize these traction stresses in response to the chemokine gradient was
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dependent on the stiffness of the substrate. Neutrophils on stiff gels generated strong
tractions in the rear of their cell body relative to the gradient, whereas cells on soft gels
were unable to organize their forces during chemotaxis [57]. Finally, it was shown that
the increase in traction force generation and organization was dependent on cell-substrate
adhesion through the β2 integrin, and actin-myosin contraction through RhoA activity.
Substrate stiffness clearly has an important impact on cellular behavior, but much
of the study in this field has focused on the effect of elasticity on mesenchymal cells.
Some of the effects of substrate stiffness on cell behavior are conserved among all cell
types, but most are likely not universal. The differences in the adhesion structures
formed by mesenchymal cells versus leukocytes as well as the presence or lack of stress
fiber formation has a large impact on the types and magnitude of traction stresses
generated by cells. These differences in cell structures and traction stresses might lead to
differences in the ways cells sense and respond to the mechanics of their environment.
Thus, while much is known about the effect of substrate stiffness on mesenchymal cell
behavior, there is significant work left to do on the effect of matrix elasticity on
leukocytes.

MEASURING TRACTION FORCES
Measuring cellular traction forces is a non-trivial undertaking and there is still no
agreed-upon optimal technique for making force measurements. There are several ways
to approach the problem, each with its own advantages and drawbacks.
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Silicone Films
One of the first observations of cells exerting forces on their substrate was made
in 1959 by Paul Weiss using fibroblasts seeded on thin films [58]. Weiss developed a
technique for studying blood clot cell masses on fibrin networks and noticed that fibrin
fibers became compressed and wrinkled radially around the mass of cells. Furthermore,
when two cell masses were plated on the same fibrin network, the fibers between the
masses became aligned. Interestingly, Weiss believed that the wrinkles were due to
dehydration of the protein networks and not produced by the cells themselves. In the
same set of experiments, Weiss noted that the cells would reorient themselves along these
fibers and move along the fibers providing the first observation of the now well-known
principle of contact guidance [59].
The next development in visualizing cellular traction forces came from Harris and
colleagues in 1980. Harris was able to directly observe wrinkles forming underneath
cells using a new type of substratum: silicone films [60]. These silicone films were
transparent, elastic, non-toxic, and inert allowing for the direct observation of a cell’s
traction forces. The substrate stiffness of the silicone films could also be altered by
varying the initial viscosity of the silicone and the time allowed for crosslinking. Various
cell types were plated on these thin films including embryonic heart fibroblasts, liver
parenchyma cells, liver macrophages, pigmented retina cells, as well as sensory and
sympathetic neurons and glia. Interestingly, the macrophages and neurons did not
wrinkle the film, leading to the conclusion that their tractions were too weak to be
detected. Individual cells wrinkled and compressed the silicone into an accordion pattern
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beneath the cell, and the same alignment of wrinkles seen by Weiss was observed
between two cells on the films. Harris concluded that the wrinkles were due to a
rearward-directed traction force produced by the cells since the system could not
dehydrate, and removal of the cells resulted in a reversal of the wrinkles [60].
The use of silicone thin films to detect traction forces represented a breakthrough
in the field because it allowed for direct observation of cellular forces. Although
qualitative, the results were able to provide information about the location and magnitude
of forces generated by different cell types. There were still several drawbacks to this
technique, most significantly the limited tunability of the substrate and the difficulty of
quantifying the traction forces. Although the substrate stiffness could be altered by
changing the curing time, it was very difficult to accurately and reproducibly make
substrates of the same stiffness. It was also very difficult to quantitatively measure the
magnitude of the forces. The authors did attempt to quantify the forces using a calibrated
glass microneedle to produce wrinkles similar to those generated by the cell; however,
these measurements are correlative at best.
There have been some improvements in the use of silicone sheets. Lee et al. were
able to improve the reproducibility of fabrication for the silicone sheets and generated
softer substrates using a glow discharge chamber to cure the silicone [61]. These softer
silicone sheets allowed for the measurement of weaker tractions such as those generated
by fish keratocytes. Lee was also able to better quantify tractions on the silicone sheets.
They were able to do this by embedding beads into the silicone substrate and using a
microneedle to reproduce the bead displacements seen under cells rather than trying to
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reproduce wrinkles. Using this method they were able to determine the keratocytes
generated their larges traction forces at the rear of locomoting cells. Unfortunately,
problems with this technique still remained. The softer silicone sheets exhibited both
plastic and viscoelastic behavior so the silicone movement was not directly proportional
to the traction forces exerted on the substrate; therefore, bead displacement could not be
accurately correlated to traction force [61].
The final improvements made to the silicone sheet technology came from Burton
et al. during their study of force generation by fibroblasts and keratocytes [62]. Burton
used a new production technique for generating the films that improved the mechanical
resolution of the sheets. They used a heated tungsten wire to crosslink the polymer,
reducing the gradients caused by the Bunsen burner flame Harris used. Furthermore,
they used phenylmethyl polymer rather than dimethly polymer because the phenyl groups
were able to absorb UV light reducing the strength of the rubber and creating a more
compliant substrate. Burton again used a calibrated microneedle to correlate the
magnitude of the forces generated to the length of the wrinkles formed in the substrate.
Burton also included marker beads to correlate the direction of force with the wrinkles.
This combination of marker beads with wrinkles in the substrate allowed for a clearer
understanding of force generation, but the non-linearity of the substrate wrinkles
prevented true quantitative analysis of the traction forces.
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Polyacrylamide Gels with Fluorescent Marker Beads
Motivated by the difficulty in controlling the stiffness of silicone films in a
reproducible manner, Pelham and Wang developed a non-wrinkling polyacrylamide (PA)
substrate to study cellular traction forces [49]. The PA gels did not wrinkle because they
were covalently attached to a glass coverslip using glutaraldehyde. By altering the ratio
of pre-polymer (acrylamide) to the crosslinker (bis-acrylamide), the elasticity of the
substrate could be systematically and reproducibly changed; the possible combinations
lead to a range of gel stiffness that could be produced from 250 Pa to over 70,000 kPa
[48]. PA gels are also advantageous because they are thin and optically clear which
makes them ideal for microscopy, and they are inert to cells so cell attachment can be
controlled. Finally, PA gels are elastic and this elasticity simplifies force measurements
because measured strains are linearly related to imposed stresses.
Polyacrylamide gels are non-adhesive to cells and proteins; therefore, the gel
surface must be activated with either a chemical or linker so that it can be functionalized
with proteins or peptides. Pelham and Wang used Sulfo-SANPAH, a UV
photoactivatable linker, to functionalize their gel surfaces [49]. Another option is the use
of a protein-adhesive group, such as the N6 linker, that is copolymerized with the
polyacrylamide during gel fabrication [63]. Also, the surface can be activated by
chemically treating the gel with hydrazine hydrate to change inert amide groups into
reactive hydrazide groups [64]. Each of these activation techniques aims to alter the gel
so it can be functionalized by covalently binding extracellular matrix proteins or peptides
to the surface to allow for cell adhesion.
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The elastic properties of the PA gels allowing for precise quantification of traction
forces prompted Micah Dembo to collaborate with Pelham and Wang on modifying the
gels to quantify traction stresses [65]. Latex fluorescent beads were embedded in the PA
gel and by measuring the displacement of these beads Dembo created a novel
computational algorithm for determining the cellular forces exerted on the gel. Mapping
the forces to bead displacements is still a complex problem despite the elastic properties
of the PA gels to force. Dembo breaks the problem down into several small, overlapping
strain fields acting in a single plane. His theory defines the displacement field of the
elastic substrate as an integral over the traction field [66]. To ensure that this integral
exists for all traction fields, the traction field must have bounded support and comply
with a global force balance. The Green’s functions that are contained within the solution
integral provide the substrate displacement induced by a concentrated force, and these are
derived from Boussinesq theory for an elastic solid. This theory predicts that any
coupling between in-plane and out-of-plane tractions are negligible [65]. Since an
arbitrary number of displacement fields can produce the same traction field, the equation
does not have an analytic solution and must be solved numerically using statistics.
First, the domain of the traction field is defined by tessellating the image with a
quadrilateral mesh. They found that their system has a spatial resolution of ~5µm by
shrinking the mesh size until the results are no longer dependent on the size of the mesh.
A chi-squared statistic is then used to determine the likelihood of a particular traction
image to explain a set of bead displacements. The Bayesian likelihood of the tractions is
determined by minimizing the chi-squared statistic and the intrinsic complexity to choose
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the simplest tractions consistent with a given field of bead displacements. Finally, a
bootstrap analysis, where random noise is added to the maximum likelihood
displacements and then the tractions are reanalyzed with this error, is used to determine if
the tractions are statistically significant [65]. This method of calculating traction forces
developed by Dembo is referred to as traction force microscopy.
In traction force microscopy, a phase contrast image of the cell and a fluorescent
image of the marker beads are taken concurrently. The cell is then removed and another
fluorescent image is taken of the unstressed fluorescent markers. The phase contrast
image is used to create an outline of the cell, which is used as the boundary condition
within which the forces must occur. By comparing the bead locations in the stressed and
unstressed fluorescent images, the bead displacements are calculated. The most likely set
of traction forces vectors that describe the bead displacements is then calculated as
described above.
Recent work done with micropipette aspiration has shown that polyacrylamide
gels are not in fact perfectly elastic and can exhibit nonlinear behavior. The
computational analysis developed by Dembo relies on the assumption that the cells are
exerting force on a linearly elastic substrate. This nonlinear elastic behavior, however, is
only present at very high levels of stress (exceeding 10 kPa) and this error is reduced by
using sufficiently thick gels; therefore, the assumption of a semi-infinite medium holds
[67]. Furthermore, the stresses exerted by the cells used in this study are sufficiently
lower than the non-elastic limit.
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The advent of traction force microscopy has led to the study and quantification of
force generation by a wide range of cell types including fibroblasts [51, 68], endothelial
cells [69], and neutrophils [56, 57, 70]. The first study of traction force microscopy was
performed by Dembo and Wang on 3T3 fibroblasts [51]. The fibroblasts were found to
exhibit larger traction stresses on stiff substrates than on soft substrates, with the average
traction magnitude being ~1.1 kPa on 30 kPa gels and ~0.6 kPa on 14 kPa gels [51].
Traction force microscopy was further applied to migrating 3T3 fibroblasts and it was
shown that a strong band of traction stresses are generated at the leading edge of the cell.
It was also observed that when the cell changed polarity to alter its direction of migration,
the original leading edge lost its ability to generate strong tractions and strong tractions
began to appear at the new leading edge of the cell. When using an H-ras transformed
clone of the 3T3 cells, the fibroblasts lose the ability to polarize and display faster, more
disorganized migration. The traction stresses in these cells were found to be smaller than
in normal fibroblasts and more unorganized, occurring under multiple transient
protrusions. These observations led to the frontal towing model as an explanation for the
migration of fibroblasts and more generally, mesenchymal cells [68]. The frontal towing
model suggests that the cell possesses several transient towing units under its leading
edge that adhere to the substrate and transmit strong traction stresses. Directly behind
these towing units is an elastic transition zone that transmits contractile force through the
cell body, pulling the cell forward. New towing units must be continuously formed at the
leading edge of the cell while old towing units are detached at the cell’s rear in order for
the cell to move forward [68].
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Traction forces of endothelial cells have also been reported and were found to be
similar in magnitude to those produced by fibroblasts [69]. These forces were shown to
be concentrated at the ends of pseudopodia, similar to fibroblasts, with negligible force
found under the nucleus, reaffirming the frontal towing model of migration. Forces in the
endothelial cells were also found to increase linearly with cell area [69].
Traction force microscopy has also been used to measure the tractions generated
by migrating neutrophils. Contrary to what was seen in mesenchymal cells, neutrophils
were shown to exert forces primarily in the rear of migrating cells. These forces were
found to quickly reorient themselves setting the direction of motion [70]. The traction
forces generated by neutrophils were found to be significantly weaker than those
generated by mesenchymal cells. Interestingly, neutrophil traction stresses were found to
depend not only on the stiffness of the underlying substrate but also on the chemotactic
migration of the neutrophils. Neutrophils in an optimal gradient of the chemoattractant
fMLP exerted stronger forces than those undergoing random migration or in gradients
that were too shallow or too steep for efficient chemotaxis [56]. The orientation of
traction forces in neutrophils suggested that their migration might not be governed by the
frontal towing model of migration but rather by a rearward squeezing model. It was
proposed that in the rearward squeezing model of migration, neutrophils used strong
forces at their rear to push the contents of the cell forward, much like squeezing
toothpaste out of a tube, and generate forward migration [70].
The measurement of traction stresses has also extended past the evaluation of
normal tissue cells and into diseased cells. Casey Kraning-Rush and colleagues have
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shown that the metastatic potential of several cancer cell lines is positively correlated
with the traction forces generated by the cells [71]. They found that metastatic breast,
prostate, and lung cancer lines generated significantly higher forces than their nonmetastatic counterparts. Furthermore, they found that this increase in force was more
pronounced on higher stiffness substrates; at 1 kPa only the metastatic lung cancer cells
generated significantly higher forces than the non-metastatic cells, whereas at 5 and 10
kPa all three metastatic cells generated significantly higher forces. This is especially
relevant because of the increase in tissue stiffness that occurs during tumor formation and
its possible effect on the metastatic behavior of the cancer cells [48]. Finally, the
correlation between metastatic potential and force generation was confirmed using a set
of cell lines, derived from MCF10A breast cancer cells, that display increasing metastatic
potential [71].
The computational and experimental methods for improving traction force
microscopy are continually being updated by Dembo and others. Dembo has added
functions to the analysis software that correct for the finite thickness of the gel and that
improve the error analysis by including a far-field method and hybrid analysis method
[72]. The far-field approximation assumes that bead displacements rapidly die with
distance from the cell, which allows for a comparison between real disruptions caused by
the cell and erroneous apparent disruptions far from the cell. The hybrid analysis method
accounts for the fact that in cases of high magnification, the far-field beads may be out of
the viewing window; therefore, it is assumed that the bead movement in an elastic
substrate should vary smoothly with position, so large divergences in movement between
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nearest neighbor beads is the result of an error [72]. Sabass and colleagues have found
that by tracking two sets of differently colored beads using confocal microscopy, the
spatial resolution of traction force microscopy can be improved to ~1µm [73].
Advances to traction force microscopy are continually being made and it is still
considered one of the premiere methods for measuring cellular traction force.

Micropatterned Elastomer Substrates
Traction force microscopy, as developed by Dembo and Wang, allows for high
resolution of traction forces due to the large number of beads embedded in the
polyacrylamide gels. Unfortunately, the random distribution of beads and the
background fluorescence generated by out-of-plane beads makes the bead tracking and
numerical methods computationally complex. Balaban et al. were able to directly address
this problem by micropatterning the fluorescent beads onto a substrate and correlating the
traction stresses to fluorescently-labeled focal adhesions [74]. They fabricated the
patterned substrates by first curing a thin PDMS layer of a known stiffness onto a glass
coverslip. Then either a Si-resist mold or a GaAs-resist was brought into contact with the
PDMS and cured. When the resist was peeled away, either a shallow topographical
pattern was left in the PDMS (in the case of the Si-resist) or fluorescent beads were left in
the PDMS (in the case of the GaAs-resist). It was found using this system of substrate
fabrication that using thin films resulted in greater variation in the spatial force
distribution than had previously been seen on thicker substrates. This is due to the fact
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that the deformation field in an elastic film of finite thickness, caused by localized
applied force decays on the length scale of twice the film thickness, results in better
spatial resolution of the force [75].
Micropatterning PDMS substrates might allow for better correlation of traction
forces to discrete regions within the cell such as focal adhesions; however, the surface
topography generated by the resists may affect cell behavior [74]. The analysis may be
more computationally robust, but it has also been shown that thin substrates no longer
behave elastically which could negatively affect the computational solution [67]. Finally,
it has been shown that as the thickness of the substrate decreases there is a corresponding
increase in the elastic modulus [76].
One solution to the problems associated with PDMS substrates is to instead
micropattern polyacrylamide gels. Stricker and colleagues used a PDMS stamp to pattern
discrete islands of fibronectin onto activated polyacrylamide gels [77]. They found that
traction stresses were only produced at the islands of fibronectin, allowing traction force
analysis using Fourier transforms. Unfortunately this restriction of adhesive ligand again
could change the adhesions and forces generated by the cells, limiting the usefulness of
this technology.
The micropatterning of polyacrylamide gels with adhesive ligands has been used
in combination with traditional traction force microscopy to determine the effect of cell
size and shape on force generation and distribution[78]. Rape and colleagues fabricated
polyacrylamide gels embedded with fluorescent beads; separately, they created PDMS
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stamps with specific patterned features using soft lithography. The stamps were
functionalized and brought into contact with the polyacrylamide gels, creating gels with
adhesive islands of known geometry. Using this method, they were able to determine
that traction force is not determined by the cell area but rather by the distance from the
cell center to the cell perimeter [78].

Micromachined Cantilevers
All of the previously described methods for measuring traction forces use
substrates that provide a continuous surface for cell migration. Continuous substrates are
beneficial because they describe the magnitude and organization of forces across the
entire cell. In addition to these continuous surface techniques there exist techniques with
discrete surfaces that allow the measurement of subcellular tractions without the
influence of tractions generated elsewhere in the cell. The initial study in the use of
discrete surfaces was presented by Galbraith and Sheetz using micromachined cantilevers
[79]. In this method, cells move over a field of calibrated micro-cantilevers that can
dynamically measure the subcellular traction forces generated in non-coupled regions of
the cell. The force on each cantilever can be calculated as the cell migrates across a
densely packed field yielding highly specific information about local force generation.
Using these cantilevers it was determined that the front of a moving cell generates weak
forces against the direction of motion. Under the nucleus, forces are strong but unevenly
directed, and forces in the rear are stronger and directed with motion. The cantilevers can
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only bend in one direction, meaning the measured force will be reduced if the cell crosses
the cantilever beam at an angle.
In a similar technique, Prass and colleagues used an atomic force microcopy
cantilever directly in the path of migrating keratocytes to directly measure the force
generated by the lamellipodia [80]. They were able to measure the deflection versus time
and calculate the force using Hooke’s law; however, they noticed that the cell protrusion
slowed just before reaching the cantilever, indicating that the cell may mechanically
sense the cantilever being used to measure force, possibly altering the cell behavior. In
addition to the possibility for mechanically altering cell behavior the micro-cantilever
fields are technically challenging to produce, making this technique less widely used and
far less popular than the continuous surface methods.

Microfabricated Post Array Detectors
Realizing the advantages offered by micromachined cantilevers, Chen and
colleagues improved upon the discrete method of measuring traction forces by
developing microfabricated post array detectors or mPADs [81]. The microfabricated
post array detectors consist of a bed of compliant PDMS microneedles that can
simultaneously measure discrete traction forces at many locations underneath a cell. The
mPADs are made from a PDMS mold which is created by casting PDMS against an array
of SU-8 posts made using photolithography techniques. The PDMS posts can then be
printed with adhesive ligand using the microcontact printing technique and blocked with
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pluronics so that cells only attach to the tips of the posts. The force at each post can be
easily calculated, without the assumptions necessary for standard traction force methods,
by measuring the deflection of each post tip and multiplying by the spring constant of the
post. The stiffness of the mPAD posts is easily modified by altering the height and
diameter of the posts. The stiffness of posts with known height and diameter was
determined using calibrated glass pipettes to deflect the posts by a known distance. Each
post deflects independently of its neighbors; therefore, each deflection can be linked to
individual areas of the cell such as focal adhesions.
The micropost technique has been used to study the forces of subconfluent
monolayers of MDCK cells [82]. They improved upon the spatial resolution used by
Chen and colleagues by decreasing the post-to-post spacing. They showed that the
micropost array did not affect the ability of the cells to adhere, proliferate, or migrate
when compared to flat PDMS surfaces. The maximal stresses exerted by cells within the
subconfluent epithelium were found to be at the edges of the monolayer and were on the
order of 12.7 ± 0.3 nN/m2. This value is significantly higher than the maximal stresses in
an individual migrating cell.
The Chen lab further developed this technology by improving the spatial
resolution of the post technique by using deep reactive ion etching to etch silicone posts
rather than etching holes. They then generated positive replicas by double casting PDMS
to create the nanopost arrays [83]. This improved technique generated nanopost arrays
with post stiffnesses from 7-231 nN/µm2. Using these arrays they were able to determine
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that the array geometries did not affect the cell speed or F-actin polymerization compared
to flat PDMS surfaces [83].
Micropost force detectors have also been generated using silicone rather than
PDMS for the pillars. In this system, trenches were added within the array to observe the
effect of topographical features on the cell behavior [84]. Endothelial cells were found to
respond to the trenches with cells approaching the posts parallel to the trenches exhibiting
extreme contact guidance, and cells approaching perpendicular exhibiting some contact
guidance but to a lesser degree. It was shown that fibroblasts on these arrays altered their
force generation while spreading, initially showing an outward force generation followed
by an inward force generation against the direction of spreading.
Another advantage of the mPAD system is its sensitivity in measuring weak
forces not detectable using traditional traction force microscopy. Ricart and colleagues
found that the forces generated by dendritic cells were too weak to resolve using traction
force microscopy but could be detected using the mPAD system [85]. They found that
dendritic cells generated traction forces on the order of 18 ± 1.4 nN/cell for chemotaxing
cells and 16 ± 1.3 nN/cell for cells undergoing chemokinesis. These traction stresses
were short-lived with the largest stresses located at the leading edge of migrating cells.
The ability of the microposts to resolve very weak forces has also been used to measure
the force exerted by neutrophils undergoing transendothelial migration [86]. The forces
exerted by different densities of endothelial cells were first measured to determine the
background level of post displacement of the monolayer. The neutrophils were then
plated on a TNF-α activated endothelial cell monolayer. Neutrophils penetrated between
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endothelial cells, creating a gap in VE-cadherin staining that was correlated with
micropillar displacement as the neutrophil transmigrated. The average maximum force
per posts for neutrophils migrating on top of the monolayer was 4.8 ± 1 nN/pillar, and
that force increased to 14 ± 4 nN/pillar when the cell transmigrated. The average force
was also found to depend on the rigidity of the micropillars.
The micropost systems offer a number of advantages. It is mathematically
simpler to calculate the forces exerted on the posts than it is in a continuous substrate
system. The stiffness of the posts can also be easily altered by simply changing their
geometry. The discrete nature of the posts allows for a direct correlation of forces with
specific areas of the cell or fluorescently labeled proteins within the cell. Finally, the
microneedles are sensitive enough to measure the very weak forces produced by dendritic
and other amoeboid cells that would not be detectable with traditional traction force
systems [85]. The discrete nature of the posts also has some drawbacks when compared
to continuous surface systems. Micropillars must be anchored to an elastic substrate of
the same material, often PDMS. When force is applied to the pillars, the substrate
underneath can also warp, resulting in an additional displacement of the post and an
overestimate of the force by as much as 40%. A scaling factor that scales with the
dimensionless pillar aspect ratio was determined to account for this additional bending
[87]. This result detracts from the mPAD system’s force-calculation advantage over
traditional traction force systems. The resolution of the continuous systems is also much
greater because it is only limited by the number of beads within the substrate. The
density of the microposts limits the resolution possible in the mPAD system.
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Improvements have increased the post density and resolution [83] but there is a limit to
how close the posts can stand until the bending of the posts causes collisions, eliminating
the discrete nature of the system. Finally, in vivo cells migrate on continuous surfaces
and the topography of the posts might affect how the cells behave in an mPAD system, as
has been shown with trenches for endothelial cells [84].

Three-Dimensional Traction Force Microscopy
All of the methods described above measure the traction forces of cells in 2D;
however, cells in the body are most commonly surrounded in 3D environments. A
method for measuring traction forces in three dimensions using confocal microscopy was
developed and reported by Hur et al. [88]. In this initial study, bovine aortic endothelial
cells (BAECs) were seeded on a 2D polyacrylamide gel and confocal microscopy was
used to show that even in a 2D system cells exert tractions on the gel in three dimensions.
The forces measured in the XY plane were similar to those measured in 2D traction force
microscopy with large forces at the edge of the cells and little force in the center. The
tractions exerted in the Z plane were upward at the cell edges and downward under the
cell nucleus. This technology was also used to measure forces in migrating cells [89]. It
was shown that the front of a migrating cell pushes the matrix down while the rear of the
cell pulls the matrix up (in the Z plane). It was also shown that forces in the normal
direction and forces in the in-plane direction were coupled [89].
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It has been documented that cells in 3D environments exhibit differing
morphologies, cytoskeletal structures, adhesions, and signaling than cells on 2D surfaces
[90-92]; therefore, it is not unreasonable to hypothesize that cells generate different
tractions in 3D environments than they do on 2D surfaces. The 3D traction forces of
fibroblasts encapsulated within a PEG hydrogel were determined by measuring the bead
displacements with the 3D gel by surrounding the cells with a finite element mesh and
imaging with confocal microscopy [93]. The largest tractions were exerted by cell
extensions at both the leading tip and from small extensions on the side opposite from the
leading edge, indicating force polarity even by cells in 3D environments.
Additional improvements to 3D traction microscopy have been made by using
laser scanning confocal microscopy to image the cell and beads simultaneously [94]. A
digital volume correlation to track the displacement of particles within the gel in three
dimensions was also used. This technique allowed for direct calculation of traction
forces along any plane rather than relying on complex numerical methods. This method
also found that migrating cells in 3D generated pushing forces at the leading edge and
pulling forces at the trailing edge.
While 3D traction force microscopy is the most physiologically relevant
technique, it is by far the most technically and computationally challenging. Absolute
values of force and stress are hard to determine because it is not possible to take an
unstressed image of the marker beads without destroying the structure of the 3D gel.
Further advances in this field will likely allow for the most impactful measurements of
cellular traction.
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CHAPTER 3: MACROPHAGE CHEMOKINESIS
ON MICROCONTACT PRINTED PDMS
SUSBTRATES
Adapted from: Hind LE, MacKay JL, Cox D, and Hammer DA “Two-dimensional
motility of a macrophage cell line on microcontact-printed fibronectin.” Cytoskeleton
(Hoboken). 2014 Sep; 71 (9): 542-54. Reproduced by permission of John Wiley and
Sons.

ABSTRACT
The ability of macrophages to migrate to sites of infection and inflammation is
critical for their role in the innate immune response. Macrophage cell lines have made it
possible to study the roles of individual proteins responsible for migration using
molecular biology, but it has not been possible to reliably elicit the motility of
macrophage cell lines in two-dimensions. In the past, measurements of the motility of
macrophage cell lines have been largely limited to transwell assays which provide limited
quantitative information on motility and limited ability to visualize cell morphology. We
used microcontact printing to create polydimethylsiloxane (PDMS) surfaces
functionalized with fibronectin that otherwise support little macrophage adhesion. We
used these surfaces to measure macrophage migration in two-dimensions and found that
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these cells migrate efficiently in a uniform field of colony-stimulating factor-1, CSF-1.
Knockdown of Cdc42 led to a non-statistically significant reduction in motility, whereas
chemical inhibition of PI3K activity led to a complete loss of motility. Inhibition of the
RhoA kinase, ROCK, did not abolish the motility of these cells but caused a quantitative
change in motility, reducing motility significantly on high concentrations of fibronectin
but not on low concentrations. This study illustrates the importance of studying cell
motility on well controlled materials to better understand the exact roles of specific
proteins on macrophage migration.
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INTRODUCTION
Macrophages are highly motile cells of the monocytic lineage and are important
in a variety of biological processes including innate immunity, development, and
disease[1]. During the innate immune response, macrophages must move quickly and
efficiently to sites of infection or inflammation in order to clear the site of pathogens and
release cytokines [2]. In order to do this, macrophages move towards cytokine signals
released by inflamed tissue, such as macrophage colony stimulating factor-1 (CSF-1 also
known as M-CSF1). M-CSF1 signals the cell through the CSF-1 receptor, a tyrosine
kinase receptor, which dimerizes and autophosphorylates upon ligand-binding [3]. In
addition to cytokine signals, macrophage migration is regulated by proteins of the
extracellular matrix (ECM) such as fibronectin and collagen through integrin-binding
interactions. Signaling downstream of both the M-CSF1 receptor and integrins is
controlled by a variety of proteins including several members of the Rho GTPase family
as well as cytoskeletal proteins [4-6]. When properly regulated, macrophage motility is
critical to maintain homeostatsis, but improper regulation of this migration can lead to a
progression of diseases such as cancer, rheumatoid arthritis, and atherosclerosis [1]. For
example, tumor associated macrophages have been associated with a poor prognosis in
several types of cancer and are often associated with high levels of metastasis and solid
tumor angiogenesis [7].
Macrophages, like other leukocytes, employ ameboid migration. Macrophages do
not form strong focal contacts to the substratum but rather create short-lived weak
adhesions that allow them to move quickly through their environment [2]. These
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adhesions may involve the formation of podosomes, which are comprised of actin-rich
cores surrounded by rings of adhesion proteins such as vinculin [8]. Podosomes are
known to function in matrix remodeling and degradation, and many of the same proteins
found in functional podosomes are critical for macrophage migration; however, no direct
link has been found between podosomes and macrophage migration [9]. It is crucial that
we understand how macrophages move through their environments and how this
movement is coordinated.
Immortalized macrophage cell lines, such as the subline of RAW264.7
(RAW/LR5) cell line, are invaluable tools for studying the specific role of various
proteins because of the ability to change their proteomics through molecular biology. In
the past, the motility of these cells has been investigated using transwell chambers [9]
and ruffling assays [10], but analysis of their 2D migration on specific extracellular
matrix (ECM) proteins has not been possible. On most surfaces normally employed to
study 2D motility, such as tissue culture plastic and glass, the cells polarize but do not
crawl, making studies of directional motility in 2D impossible on those materials. Given
the numerous mutants of RAW/LR5 cells that have been created, a means to effectively
elicit and measure the 2D motility of these cells would allow us to better understand how
motility in macrophages is controlled molecularly.
We used microcontact printing to prepare surfaces specifically coated with
fibronectin and quantified the motility of RAW/LR5 macrophages undergoing
chemokinesis. Previously, our laboratory showed that microcontact printing fibronectin
allowed elucidation of the mechanisms of neutrophil motility [11]. With RAW/LR5 cells,
we found that these materials elicit robust migration, which we attribute to the effective
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blocking of non-specific adhesion on these materials. We then used these surfaces to
compare the migration of wild-type RAW/LR5 cells to the migration of RAW/LR5 cells
with chemically inhibited ROCK or PI3K and of RAW/LR5 cells with reduced
endogenous levels of the GTPase Cdc42. Cells without PI3K activity lost their ability to
polarize and showed no migratory capabilities. Cells with reduced Cdc42 levels showed
no significant change in motility compared to wild type RAW/LR5 macrophages, but
showed increased ruffling behavior. Finally, cells in which ROCK signaling was
inhibited were highly sensitive to fibronectin concentration showing two different motile
phenotypes with correspondingly different random motility coefficients on high versus
low concentrations of fibronectin, with motility most significantly reduced on high
concentrations of fibronectin. These results illustrate the importance of studying cell
motility on well defined surfaces and allow us to realize the potential of these modified
cell lines for the study of the molecular mechanisms of macrophage migration.
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MATERIALS AND METHODS
Reagents
Bovine fibronectin was obtained from Sigma (St. Louis, MO) and recombinant
murine CSF-1 was obtained from PeproTech (Rocky Hill, NJ). We used the inhibitors
LY294002 at 50 µM from Cell Signaling (Boston, MA), Wortmannin at 10 µM from
Sigma (St. Louis, MO), and Y27632 at 10 µM from Millipore (Billerica, MA).

Cell Culture
The RAW/LR5 and RAW/LR5 shCdc42 cell lines have been previously
characterized and were obtained from Dianne Cox’s lab (Albert Einstein College of
Medicine, Bronx, NY) [12, 13]. Murine bone marrow derived macrophages (BMMs)
were isolated and prepared according to [13]. The RAW/LR5 LifeAct-mCherry cell line
was created by retroviral transduction using the vector pTK93_Lifeact-mCherry
(Addgene plasmid 46357), which was generously deposited by Dr. Iain Cheeseman.
Retrovirus was packaged using 293T cells, purified by ultracentrifugation, and tittered by
flow cytometry as previously described [14].

RAW/LR5 cells were infected at a

multiplicity of infection of 0.25 and treated with 3 μg/ml puromycin for 6 days to select
for transduced cells. All cells were cultured in supplemented RPMI medium containing
10% heat-inactivated fetal bovine serum (Sigma, St. Louis, MO) and 1% penicillinstreptomycin (MediaTech, Manassas, VA). All cells were maintained at 37°C and 5%
CO2.
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PDMS Microcontact Printing of Fibronectin
Poly(dimethyl siloxane) (Dow Corning, Midland, MI) or PDMS was made at a
10:1 ratio of polymer to cross-linker. Round glass 25 mm coverslips were cleaned in
0.2N hydrochloric acid and then rinsed twice with Milli-Q water and once with 99%
ethanol. Coverslips were dried with pressurized N2. The coverslips were then spincoated
with PDMS using the Laurell Spinner (4000 rpm, 1 minute). Coverslips were allowed to
cure for 1 hour in a 62°C oven. To generate stamps, flat PDMS was cured against a
silicon wafer to ensure a uniform topology. Small 1cm2 cubes were then cut from the
PDMS block. The stamps were inked with fibronectin (Sigma, St. Louis, MO). The
PDMS spincoated coverslips to be stamped were then treated with UV ozone for 7
minutes to create a hydrophilic surface for optimal protein transfer. The stamps were
washed with water and carefully dried with pressurized N2. The stamps were then placed
on coverslips prepared under UV ozone, and protein transfer occurred almost
immediately. The stamps were then removed, and the stamped coverslips were blocked
with 0.2% Pluronic-F127 (Sigma, St. Louis, MO) for 30 minutes. The coverslips were
rinsed 3x with 1xPBS and incubated in PBS overnight [15].

Chemokinesis Assay
Stamped coverslips were attached to a 6-well plate for chemokinesis experiments.
Cells were plated in each well at 4.2x104 cells/mL. Cells were incubated overnight in
RPMI supplemented with 1% fetal bovine serum (Sigma, St. Louis, MO) and 1%
penicillin-streptomycin. After incubation, the cells were washed with RPMI to remove
any unattached cells. Chemokinesis media consisted of serum-free RPMI supplemented
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with the indicated concentration of CSF-1 (PeproTech, Rocky Hill, NJ). Using a custombuilt LabView (Texas Instruments, Austin, TX) software, 24 fields of view were imaged
at 20x magnification by phase microscopy on a Nikon Eclipse TE300 (Nikon, Melville,
NY). Images were captured every two minutes for four hours using time-lapse
microscopy. Cell trajectories were captured using the ImageJ Manual Tracking plugin.
Chemokinesis parameters were calculated using a custom written MATLAB (Mathworks,
Natick, MA) script which fits the speed (S) and persistence time (P) to the Dunn
Equation:[16]

. The random motility coefficient is a

relative diffusion coefficient for the cells in a uniform chemokine field. The random
motility coefficient, µ, is calculated using the fit parameters in the following equation,
.

Chemical Inhibition
Pharmacological inhibition of cells, if any, was performed by pre-incubation of
cells with inhibitor for 1 hour at the designated concentration before the experiment and
continued incubation at the same concentration during the experiment.

Immunofluorescence
Cells were fixed for 7 minutes in 3.7% paraformaldehyde and permeabilized for 4
minutes in 0.1% Triton X-100. Actin was detected using Phalloidin coupled to AlexaFluor 568 (Invitrogen, Carlsbad, CA). Vinculin was detected using the monoclonal
antibody hVIN1 (ab11194, Abcam, Cambridge, UK). The secondary antibody used was
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Alexa-Fluor-488-labeled goat anti-mouse (Invitrogen, Carlsbad, CA). Coverslips were
mounted using Fluoromount G (SouthernBiotech, Birmingham, AL) as an anti-fading
reagent.
Images of fixed samples were acquired with a confocal microscope (Leica SP5)
equipped with a 63x oil objective. Images were processed using the Leica Application
Suite (Leica, Wetzlar, Germany) and ImageJ software.
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RESULTS
Microcontact Printing of Fibronectin
Microcontact printing was used to prepare the surfaces for all experiments
described in this chapter. A schematic overview of the printing technique is shown in
Figure 3.1. A flat 1 cm2 polydimethylsiloxane (PDMS) stamp was incubated with a
specific concentration of the ECM protein fibronectin. Separately, a glass coverslip was
spin-coated with a thin layer of PDMS. This PDMS-coated coverslip was then treated
with UV ozone to render the surface hydrophilic. Excess protein was removed from the
stamp by carefully washing it with water and the stamp was dried with pressurized
nitrogen gas.

The dry, hydrophobic stamp was then brought into contact with the

hydrophilic surface and the protein preferentially transferred to the surface. Finally, the
surface was blocked with the polymer Pluronics-F127, which binds to unreacted groups
on the PDMS, functionally blocking the surface.

Stamping PDMS offers many

advantages over traditional techniques for creating molecularly coated surfaces for
imaging cell motility in two dimensions. First, the stamping method allows for precise
spatial control of a protein ligand, as illustrated with fluorescently-tagged fibronectin in
Figure 3.1B. The ligand is also allowed to bind uniformly across the surface because it is
transferred from a hydrophobic inked surface to a hydrophilic surface [15]. PDMS is
also convenient for imaging because it is transparent to optical wavelengths [17].
We first stamped PDMS with fluorescently labeled fibronectin and then blocked
the surfaces with either 0.2% Pluronic-F127 (Figure 3.1D) or 1% bovine serum albumin
(Figure 3.1C) to illustrate the fidelity of the stamping method and the importance of
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Figure 3.1. Microcontact-printing of fibronectin on PDMS. (A) Schematic representation
of stamping process used to prepare surfaces for motility experiments. (B) PDMS surface
stamped with fluorescently-tagged fibronectin. (C) PDMS surface stamped with FITCtagged fibronectin and blocked with BSA. (D) PDMS surface stamped with FITCfibronectin and blocked with Pluronics-F127. In (C) and (D) cells were allowed to
adhere to stamped and blocked surfaces for 2 hours prior to imaging. Scale bar indicates
50µm.
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functionally blocking the surface. In Figure 3.1D, the cells only adhere to the surface on
the fibronectin-patterned area, indicated by the fluorescent signal associated with
fibronectin. The cells did not interact with the surface blocked solely with pluronics,
indicating that cells do not bind to the polymer; therefore, all RAW/LR5 motility is due
to binding interactions with fibronectin. Conversely, in Figure 3.1C, when surfaces are
blocked with BSA, cells adhere to the surface on both the patterned and unpatterned
regions indicating that the cells are interacting with the blocking protein (BSA), and the
motile behaviors seen by these cells are not specific to their interaction with the
fibronectin ligand. This result is consistent with our recently published observations on
the motility of neutrophils on PDMS substrates which showed that BSA, normally
thought of as a blocking protein, acts as a ligand for Mac-1 [11].

Our ability to

functionally block the PDMS surface offers a distinct advantage over glass or tissue
culture plastic, to which pluronics does not bind [18], because it ensures that cell
response is due to cell-ligand interactions and not unintended or non-specific cell-surface
interactions.
We assessed if RAW/LR5 macrophages would form structures such as
podosomes on the microcontact printed surfaces. To visualize molecular organization at
the cell-substrate interface, RAW/LR5 macrophages cells were seeded on fibronectinprinted PDMS surfaces blocked with Pluronic-F127, then fixed and stained for F-actin
(Figure 3.2B) and vinculin (Figure 3.2C). The RAW/LR5 macrophages showed small
punctate F-actin clusters surrounded by vinculin rings, indicative of podosomes. When
these stained images are overlaid (Figure 3.2A), typical podosome structures are easily
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Figure 3.2. Adhesion staining of RAW/LR5 macrophages on PDMS surfaces coated with
fibronectin. (A) Merged image of actin and vinculin stains show podosomes. Area of
inlay indicated by white box at leading edge of cells. (B) Phalloidin staining shows
punctate actin. (C) hVIN1 staining shows rings of vinculin.
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recognizable at the leading edge of polarized cells. We further investigated podosome
dynamics in motile macrophages using live imaging of the RAW/LR5 mCherry-LifeAct
cell line. Cells were imaged in phase to confirm normal motility and in fluorescence to
observe actin dynamics. Podosomes are highly active at the leading edge of motile
macrophages. When a bifurcation of the leading pseudopod occurs, podosomes appear in
both extensions until the leading edge is re-established and podosomes in the rear of the
cell are disassembled. This indicates that podosomes are only stable at the leading edge
of the cell, suggesting that they are involved in the directional sensing of the cell. We
concluded that this method of preparing surfaces is optimal for analyzing twodimensional migration of RAW/LR5 macrophages. Because cell-substrate interactions
are clearly defined, cells retained their ability to form podosomes, and cells were motile.

RAW/LR5 Chemokinesis on Fibronectin-Printed PDMS
Two-dimensional migration of RAW/LR5 macrophages on a clearly defined
surface has not been previously described; therefore, migration parameters such as speed,
persistence time, and the random motility coefficients for this cell line have not
previously been elucidated. Analysis of two-dimensional migration would allow us to
determine the type of migration used by RAW/LR5 macrophages and how their
migration compares to other ameboid and mesenchymal cells.

In one experiment,

RAW/LR5 macrophages were seeded on PDMS printed with various concentrations of
fibronectin and exposed to a uniform concentration, 20 ng/mL, of the chemokine CSF-1.
In a second experiment, cells were seeded on PDMS printed with a uniform concentration
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Figure 3.3. Biphasic motility of RAW/LR5 macrophages. (A) Random motility
coefficient versus fibronectin concentration shows biphasic motility of macrophages with
increasing surface ligand density. (n = 7 experiments; an average of 447±39 cells per
condition). (B) Random motility coefficient as a function of CSF-1 concentration shows
biphasic motility of macrophages with increasing soluble chemokine. (n = 4
experiments; an average of 246±97 cells per condition). Error bars are standard error, *
indicates p < 0.05.
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of fibronectin, 5 µg/mL, and exposed to various concentrations of the soluble chemokine
CSF-1. RAW/LR5 cells were able to efficiently migrate on fibronectin stamped PDMS,
and the random motility coefficient, a relative diffusion coefficient of migrating cells,
showed biphasic motility as a function of the concentration of fibronectin (Figure 3.3A),
and the concentration of soluble chemokine, CSF-1 (Figure 3.3B). Murine bone marrow
derived macrophages (BMMs) were also able to migrate efficiently on PDMS printed
with fibronectin and their motility was biphasic as a function of fibronectin concentration
with peak motility at 2.5 µg/mL (Figure 3.4). This result proves that 2D migration of both
macrophage cell lines and primary cells is supported by the PDMS printing technique
outlined in this chapter. The effect of ligand density on cell migration is commonly seen,
because a low concentration of ligand does not provide sufficient traction and a high
concentration of ligand makes cells too adhesive [19].

The effect of soluble

chemoattractant concentration on migration is also expected to be biphasic, since low
concentrations of ligand do not provide sufficient signal and high ligand concentrations
overwhelm the cell’s signaling pathway, leading to lower response to the signal [20].
The peak concentration of CSF-1 for motility is consistent with the values reported
previously for these cells [12]. Plots showing the dispersion of cells were created (Figure
3.5A) for all conditions by tracking each cell and moving the start of each cell track to the
origin of the axis. These plots show qualitatively that at high and low concentrations of
fibronectin, the RAW/LR5 macrophages migrate to a lesser extent than they do on a
moderate fibronectin concentration. The plots also confirm that migration of these cells
was random with no bias in one direction. The mean-squared displacement of the cells
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Figure 3.4. Biphasic motility of murine bone-marrow derived macrophages (BMMs).
Random motility versus fibronectin concentration shows biphasic motility of BMMs with
increasing surface ligand density.
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Figure 3.5. RAW/LR5 macrophage motility on PDMS surfaces coated with fibronectin.
(A) Dispersion of RAW/LR5 macrophages migrating on 0.5 µg/mL fibronectin. (B)
Dispersion of RAW/LR5 macrophages migrating on 5 µg/mL fibronectin shows
increased total migration. (C) Dispersion of RAW/LR5 macrophages migrating on 50
µg/mL fibronectin. (D) Mean Squared Displacement versus time on all concentrations of
fibronectin.
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on each fibronectin concentration was plotted versus time (Figure 3.5B) and this plot was
used to fit the speed and persistence time of the cells using the Dunn equation. At all
fibronectin concentrations α was found to be nearly one, indicating that RAW/LR5
macrophage chemokinesis is well-defined by the random walk model (Table 3.1).

RAW/LR5 Chemokinesis with Leading Edge Inhibition
Several proteins are known to be important in the migration of cells, and the
RAW/LR5 cells provide a unique opportunity to study how these molecules might affect
macrophage motility on surfaces that have been printed with fibronectin. Many of these
proteins locate specifically to the leading edge of the cell during migration and are
responsible for actin polymerization, as well as maintenance of cell polarity and signaling
downstream of integrin-fibronectin and chemokine-receptor signaling. We measured the
motility of a RAW/LR5 derived cell line with reduced endogenous levels of the GTPase
Cdc42. These cells were created using short-hairpin RNAi which led to a greater than
65% reduction in Cdc42 levels [13]. The shCdc42 cells qualitatively showed biphasic
motility as a function of fibronectin concentration, much like the wild type RAW/LR5
cells, but there was no significant difference seen in the random motility at any
fibronectin concentration (Figure 3.6A). The shCdc42 cells showed a non-statistically
significant reduction in motility at each fibronectin concentration compared to the wild
type cells but they were still able to efficiently migrate on the printed surfaces. These
results indicate that Cdc42 is not required for efficient migration of RAW/LR5
macrophages but might have some contribution downstream of integrin-fibronectin
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Table 3.1: Alpha Values for RAW/LR5 Macrophages on Varying Concentrations of
Fibronectin.
[Fibronectin] (µg/mL)

α

50

0.9831

10

1.1089

5

1.2295

2.5

1.1096

1

1.1848

0.5

1.1264
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Figure 3.6. Motility of RAW/LR5 cells with reduced endogenous Cdc42 and chemically
inhibited PI3K. (A) Random motility coefficients of wild type RAW/LR5 macrophages
and shCdc42 cells on increasing concentrations of fibronectin. (n = 11 experiments; an
average of 588±53 cells per condition). (B) Mean Squared Displacement versus time for
RAW/LR5 and shCdc42 cells. (C) Staining of shCdc42 cells plated on 5µg/mL
fibronectin; actin (red) and vinculin (green). (D) Random motility coefficients of wild
type RAW/LR5 macrophages and macrophages chemically inhibited with LY294002 and
Wortmannin to reduce PI3K signaling. (n = 5 experiments; an average of 237±30 cells
per condition). (E) Mean squared displacement versus time for RAW/LR5 cells and cells
chemically inhibited with LY294002 and Wortmannin. (F) Staining of RAW/LR5
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macrophages plated on 5µg/mL fibronectin and chemically inhibited with LY294002;
actin (red) and vinculin (green). Error bars are standard error, * indicates p < 0.05.
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binding.

It is possible that the remaining Cdc42 in the knockdown cells provides

sufficient signaling to maintain motility; however, it has been previously shown that the
same cell line has reduced motility to the chemokine, CX3CL1 [10]. The mean squared
displacement was plotted as a function of time (Figure 3.6B), and the speed and
persistence time for shCdc42 cells using the Dunn equation. The fit of the mean squared
displacement yielded an α of 1.14, so the random migration is well-modeled as a
persistent random walk.

These cells were also stained for adhesion structures to

determine if podosomes were present (Figure 3.6C).

Consistent with previously

published results [9], the shCdc42 cells have actin-mediated protrusion, but do not show
any of the hallmark structures of podosomes such as punctate actin bundles or vinculin
rings. This data suggests that in the RAW/LR5 cells, Cdc42 is required for podosome
formation but that podosomes are not necessary for efficient random migration.
We further investigated the effect of leading edge inhibition by targeting another
protein, phosphoinositide 3-kinase (PI3K), which acts upstream in the signaling pathway
from Cdc42.

We inhibited this protein using two different chemical inhibitors,

LY294002 and Wortmannin, and studied the migratory capacity of inhibited cells. We
found that the use of either chemical inhibitor led to the complete loss of cell motility
(Figure 3.6D). Under inhibition of PI3K, cells did not polarize to the same degree as
uninhibited cells or migrate efficiently. The plot of mean squared displacement versus
time (Figure 3.6E) further illustrates that these cells show minimal displacement over
time for cells inhibited with either chemical inhibitor. Loss of PI3K activity also led to a
disorganized cytoskeleton and the loss of podosomal structures seen in wild type cells
(Figure 3.6F). In the inhibited cells, actin and vinculin remain cytoplasmic with no
81

polarized distribution or organization.

These data together indicate that PI3K is

necessary for migration of RAW/LR5 macrophages and formation of podosome adhesion
structures.

RAW/LR5 Chemokinesis with Cell Contraction Inhibition
The trailing edges of migrating cells rely on myosin II contraction to release the
rear of the cell from the substratum and allow the cell to advance forward. Several
proteins are important in myosin contraction. RhoA is the Rho family protein primarily
involved in myosin contractility and it stimulates this contractility through the RhoA
kinase, ROCK. ROCK has been linked to the motility of many different cell types [21]
and we wanted to determine its role in RAW/LR5 migration. The ROCK inhibitor Y27632 was used at 10µM to abolish ROCK activity and myosin II contraction in
migrating RAW/LR5 macrophages.

In contrast to the biphasic motility seen in

uninhibited macrophages, RAW/LR5 cells treated with the ROCK inhibitor showed a
switch-like change in their random motility coefficient over a range of fibronectin
concentrations (Figure 3.7A). At high concentrations of fibronectin, 50 µg/mL and 10
µg/mL, cells inhibited with Y-27632 had a low but constant random motility coefficient.
However, at fibronectin concentrations lower than 10µg/mL, cells inhibited with Y27632 had a higher and constant random motility coefficient similar to control treated
cells. Under inhibition, the random motility coefficients at lower concentrations of
fibronectin were not significantly different than each other but they were all significantly
higher than the random motility coefficients at higher concentrations of fibronectin. This
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Figure 3.7. Migration of RAW/LR5 macrophages with inhibited ROCK signaling. (A)
Random motility coefficient of RAW/LR5 macrophages and macrophages inhibited with
10µM Y27632 as a function of fibronectin concentration. (n = 9 experiments; an average
of 501±28 cells per condition). (B) Dispersion plots for RAW/LR5 macrophages plated
on (i) 50 µg/mL fibronectin and (ii) 2.5 µg/mL fibronectin and inhibited with Y27632.
(C) Phase images of RAW/LR5 macrophages plated on 50 µg/mL fibronectin (top) show
long unretracted tails and on 1 µg/mL fibronectin (bottom) show rounded morphology.
Scale Bar = 100µm.

(D) Mean Squared Displacement versus time for wild type

macrophages and macrophages inhibited with Y27632 on 1 µg/mL, 5 µg/mL, and 50
µg/mL fibronectin.

(E) Staining of RAW/LR5 macrophage plated on 5 µg/mL
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fibronectin and inhibited with 10 µM Y27632 show podosomes at the leading edge of the
cell; actin (red) and vinculin (green). Error bars are standard error. * indicates p < 0.05.
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difference in random motility on high versus low fibronectin concentrations can be
appreciated qualitatively by examining the dispersion plots for cells migrating on a high
concentration and a low concentration of fibronectin (Figure 3.7B). The random motion
of ROCK inhibited RAW/LR5 cells migrating on 50µg/mL fibronectin show far less
dispersion and overall movement than the cells migrating on 2.5µg/mL fibronectin. The
change in random motility was accompanied by a change in cell morphology between
low and high fibronectin concentrations (Figure 3.7C).

On high concentrations of

fibronectin, RAW/LR5 cells were unable to contract their trailing edges; this caused the
cells to have long unretracted tails during migration (Figure 3.7C, top). In contrast, on
low concentrations of fibronectin, RAW/LR5 cells showed a much more rounded
morphology and showed long uropods that after sufficient migration would release and
“snap” back to the cell body (Figure 3.7C). The reduced migration of ROCK inhibited
RAW/LR5s on high concentrations of fibronectin is also illustrated in the plot of mean
squared displacement versus time (Figure 3.7D). The cells on high concentrations of
fibronectin have a far lower overall displacement over time. Finally, cells were stained to
determine the effect of ROCK inhibition on the assembly of podosomes.

ROCK-

inhibited macrophages showed typical podosome structures (Figure 3.7E) with actin
bundles surrounded by clear vinculin rings. These cells also show active actin-rich
lamellipodia and display a long trailing tail which contains both actin and vinculin. Other
researchers have found that stabilization of the actin cytoskeleton and integrin activation
are tightly correlated with ROCK activity in monocytic cells [22] which complements our
finding that fibronectin signaling levels alter the motile behavior of ROCK-inhibited
RAW/LR5 cells. Overall, our data suggests that ROCK activity is not necessary for
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macrophage motility but plays an important role in organizing the response to
fibronectin. Different levels of fibronectin lead to the activation of different signaling
pathways or different levels of response to ROCK; this then leads to changes in the
morphology and motility of RAW/LR5 macrophages.

RAW/LR5 Speed and Persistence Times in Motile Conditions
One major advantage of imaging cells and analyzing their motility in two
dimensions is the ability to quantitatively compare cells moving under different
conditions.

We measured the values of speed and persistence time for the motile

RAW/LR5 cells investigated in this chapter and determined what specific relationships
could be determined by comparing cells with inactive ROCK or reduced endogenous
levels of Cdc42 to wild-type RAW/LR5 macrophages. When the persistence time of the
cells was plotted versus their speed, we saw an inverse relationship for all motile cells
(Figure 3.8A). This inverse relationship between speed and persistence time is seen in
many motile cell types [23] and often lends insight into the type of migration a cell is
undergoing and its physiological role. For example, endothelial cells, which must move
in a directed path during tissue development or wound repair, move slowly but with high
persistence [24], whereas neutrophils and other immune cells, which must constantly be
scavenging for pathogens and areas of inflammation, move with high speed but low
persistence [11, 20, 25]. The persistence time of migrating macrophages was found to be
biphasic as a function of fibronectin concentration for all motile cells (Figure 3.8B). The
fibronectin concentration at which the maximum persistence time occurred for cells with
reduced endogenous levels of Cdc42 was slightly lower compared to wild type cells. The
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Figure 3.8. Quantitative analysis of RAW/LR5 migration. (A) Persistence versus speed
shows inverse relationship for all motile conditions: RAW/LR5, shCdc42s, and
RAW/LR5 macrophages inhibited with Y27632. (B) Persistence time versus fibronectin
concentration for all motile conditions. (C) Speed and persistence time versus fibronectin
concentration for wild type RAW/LR5 macrophages. (D) Speed and persistence time
versus fibronectin concentration for shCdc42 macrophages shows that at low fibronectin
concentrations motility is dominated by persistence time and at high fibronectin
concentrations cell motility is dominated by speed. (E) Speed and persistence time
versus fibronectin concentration for RAW/LR5 macrophages inhibited with Y27632
shows motility is dominated by persistence time. Error bars are standard error.
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fibronectin concentration required for maximum persistence time was even lower for
cells with inhibited ROCK signaling. For all conditions, the maximal persistence time
corresponded to the fibronectin concentration with the highest random motility
coefficient, indicating that RAW/LR5 migration is driven by persistence even though the
random motility coefficient only depends mathematically first order on persistence and
second order on speed. Physiologically, it is important for cells to have some persistent
motion because without persistent motion cells do not explore a wide enough territory to
fully take advantage of the persistent random walk for investigating their surroundings.
The speed and persistence time of individual cell migration were compared to
determine which parameter dominated the motility. The speed and persistence time of
migrating wild type RAW/LR5 cells show no real trend on increasing concentrations of
fibronectin other than an increased dependence of speed on fibronectin concentration at
high fibronectin concentrations (Figure 3.8C). We used cells with reduced endogenous
levels of Cdc42 and cells with inhibited ROCK signaling to clarify the roles of specific
proteins on the speed and persistence of migrating RAW/LR5.

We found that the

motility of RAW/LR5 cells with reduced endogenous levels of Cdc42 is dominated by
persistence time at low concentrations of fibronectin but is dominated by speed at high
concentrations of fibronectin (Figure 3.8D). This indicates that Cdc42 is involved in
signaling pathways downstream of integrins binding to fibronectin, and the slight
inhibition of this pathway leads to changes in the persistence of the cells. Macrophages
with inhibited ROCK activity show a constant speed of about 2 µm/min across all
fibronectin concentrations (Figure 3.8E). It is possible that this occurs because cells
without myosin II contraction are unable to significantly modulate their speed in response
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to variable integrin signaling. This data confirms the proposal that ROCK signaling is
important in stabilizing the actin cytoskeleton during spreading and migration [22].
Changes in the random motility coefficient for the ROCK inhibited macrophages,
therefore, arise from differences in their persistence time. This data also indicates that
ROCK signaling is important for modulating the speed of macrophages on differing
fibronectin concentrations.
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DISCUSSION
The importance of properly regulated macrophage migration in maintaining
biological homeostasis is well documented and, in the future, macrophages could be used
as therapeutic targets because of their role in the progression of various diseases [1-3,
26]. Before we can properly target these cells, however, we must have a better
understanding of the signaling pathways that control macrophage migration. In the past,
the signaling pathways involved in macrophage migration have been studied with and
without the contribution of extracellular matrix proteins [4-6, 27]. We have extended this
work by investigating the roles of Cdc42, ROCK, and PI3K in RAW/LR5 motility on a
well-defined surface. Visualizing cell migration in two-dimensions using time-lapse
imaging is a useful quantitative tool for understanding the way in which changes in
signaling affect cell motility [11]. Changes in the speed or persistence time of cells
cannot be easily detected using methods such as transwell assays. A small difference in a
cell’s ability to persist or a small change in its velocity can significantly alter the cell’s
ability to use a persistent random migration to efficiently monitor surrounding tissues
[28]. We have shown that surfaces microcontact-printed with fibronectin and blocked
with Pluronic-F127 are ideal for studying macrophage migration in response to changes
in fibronectin concentration. Microcontact-printing allowed us to visualize macrophage
migration in two dimensions and determine the migration parameters of macrophages
moving on various fibronectin concentrations. The functional blocking employed by this
technique prevents any cell attachment to non-ligand bound surfaces, ensuring all cell
motility is a direct result of fibronectin-integrin binding without confounding cell-surface
90

interactions. The completeness of our blocking is striking in contrast to traditional
blocking moieties such as bovine serum albumin (BSA) to which macrophages can attach
and migrate. BSA has been demonstrated to be a ligand to beta-2 integrins, which may
explain the residual adhesion of macrophages to BSA [11].
Macrophages do not form classical focal adhesions or stress fibers like
mesenchymal cells; instead, they form small punctate complexes known as podosomes.
These podosomes consist of an actin core surrounded by a ring of proteins typically
found in mesenchymal focal adhesions such as talin, vinculin, and paxillin [8, 29]. We
stained RAW/LR5 macrophages seeded on microcontact-printed surfaces for actin and
vinculin and found small punctate actin cores surrounded by vinculin rings under the
leading edge of polarized RAW/LR5 macrophages. This result indicated that the ability
of macrophages to form podosomes was intact on our microcontact printed surfaces.
Extracellular matrix proteins, such as fibronectin, are found in all tissues in the
body where macrophages reside; however, the specific role that integrin-fibronectin
binding plays in macrophage migration is still not well known. By varying the
concentration of fibronectin stamped onto our surface, we were able to determine that
RAW/LR5 macrophages display biphasic motility with increasing ligand concentration.
This result is further illustrated by the dispersion of cells on differing fibronectin
concentrations. On the intermediate concentration that gave rise to the optimal motility,
the cells are able to explore a much wider area than on high and low concentrations of
fibronectin. This type of motility profile is common among cells that rely on integrinligand binding and un-binding for migration [19]. This may be important in diseases
where high levels of fibronectin are pathological, such as atherosclerosis, and changes in
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fibronectin concentration could contribute to increased macrophage recruitment [30]. We
were able to show that all motile macrophages are displaying uncorrelated random walks
with normal diffusion.
We were also able to show the importance of CSF-1 signaling on macrophage
migration by varying the soluble CSF-1 concentration. The motility was again biphasic
with increasing CSF-1 concentration at a fixed concentration of fibronectin. This
indicates that at low concentrations of CSF-1 the cell is not completely stimulated, and at
very high concentrations the cell is desensitized, perhaps by receptor down regulation;
both conditions lead to sub-optimal motility. The maximum in the random motility
coefficient for alveolar macrophages with chemokine concentration was shown
previously [31] and is consistent with our results. The limited motility at high CSF-1
concentrations is likely because the CSF-1 receptor is internalized quickly after
stimulation and is not recycled back to the membrane [26], leading to reduced CSF-1
signaling after the initial stimulation.
Several Rho GTPases are thought to contribute to macrophage motility
downstream of both integrin-binding and CSF-1R signaling. Cdc42 has been implicated
in directional sensing of macrophages to a gradient of CSF-1 but has not been found to be
necessary for random migration [4, 5]. We found that reduction of Cdc42 did not
significantly change the random motility of cells except at the fibronectin concentration
of 5µg/mL that was optimal for wild-type motility. These results suggest that the
reduction of Cdc42 activity is mostly compensated for by other signaling molecules. We
also saw slight morphological changes in migrating cells with reduced Cdc42 levels,
indicating a link between Cdc42 signaling and the cytoskeletal network in macrophages.
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We found that these cells had broader lamellipodia and reduced uropods compared to
wild-type RAW/LR5 macrophages. Their lamellipodia also showed increased ruffling.
Similar morphological changes have previously been seen in Bac1.2F5 macrophages
expressing a dominant negative Cdc42 [5]. Staining of RAW/LR5 macrophages with
reduced Cdc42 levels on fibronectin printed surfaces revealed a lack of podosome
formation. Both actin and vinculin were found throughout the cell but were not
organized into structures, consistent with the theory that Cdc42 regulates actin
organization into podosomes [4, 6]. It is still unclear what role podosomes have in
macrophage migration, but our data with these macrophages suggests that podosomes are
not required for random migration on fibronectin. It has been previously postulated that
Cdc42 restricts the speed of migration in macrophages because expression of dominant
negative Cdc42 in Bac1.2F5 cells leads to an increase in speed on glass surfaces [5]. We
found that on high concentrations of fibronectin, the speed of RAW/LR5 macrophages
with reduced endogenous levels of Cdc42 was significantly higher than their speeds on
low concentrations of fibronectin, indicating that this restraint might be dependent on
integrin-ligand binding. It is possible that an incomplete knockdown of Cdc42 in the
cells left sufficient Cdc42 for motility signaling. However, the observation that these
cells no longer form podosomes and the previous result showing decreased migration to
the chemokine CX3CL1 [10] indicate that motility and cytoskeletal signaling pathways
are altered by the reduction in Cdc42.
Phosphoinositide 3-kinase (PI3K) becomes activated by both integrins and the
CSF-1R at the plasma membrane of macrophages [6]. PI3K has been shown to be
upstream of many signaling pathways in macrophages and is important for macrophage
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migration [27, 32, 33]. Therefore, it is not surprising that we found no motility in
RAW/LR5 cells inhibited with either LY29004 or Wortmannin, two PI3K inhibitors.
Cells inhibited with either chemical inhibitor showed no polarization or ability to migrate
on fibronectin printed surfaces, and PI3K-inhibited cells showed no actin or vinculin
organization. A requirement for PI3K signaling in macrophage migration has also been
shown with Bac1.2F5 macrophages and primary murine macrophages [27, 33].
Our ability to visualize macrophages migrating in two-dimensions over time
allowed us to discover a unique property of ROCK-inhibited macrophages migrating on
fibronectin surfaces. We found that in the presence of the ROCK inhibitor Y-27632,
RAW/LR5 macrophages showed a switch-like change in motility with increasing
fibronectin concentration. Under ROCK inhibition, macrophages had significantly lower
motility on high concentrations of fibronectin (10µg/mL or higher) than on low
concentrations of fibronectin (5µg/mL or lower), but the random motility coefficient was
constant within each regime. This sensitivity to fibronectin concentration was also
accompanied by a change in morphology for migrating macrophages. On high
concentrations of fibronectin, the cells showed a defect in contractility, leaving long unretracted tails behind them. This accumulation of un-retracted tails has also been seen in
THP-1 monocytes inhibited with Y-27632 [22]. On low concentrations of fibronectin,
however, ROCK-inhibited RAW/LR5 cells showed a much more rounded morphology
with small but broad lamellipodia and almost no tails. Others have shown that loss of
one ROCK isotype, ROCK1, leads to a significant increase in adhesion to the fibronectin
fragment CH296 [34]. It has also been previously found in THP-1 monocytes that
inhibition of ROCK leads to increased spreading and membrane activity on fibronectin
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[22]. Therefore, it is reasonable to assume that the RAW/LR5 macrophages have
reduced migration on high concentrations of fibronectin because of increased attachment
to the surface compared to wild-type cells. Even with this increased attachment,
however, the ROCK-inhibited cells show efficient motility on all concentrations of
fibronectin, consistent with previous findings that RhoA is not required for forward
migration, only efficient tail-retraction [35]. We were able to show that podosome
assembly still occurs in the absence of ROCK activity, consistent with the finding that
ROCK inhibition leads to increased integrin-dependent phosphotyrosine signaling to
podosome-associated proteins such as cofilin [22]. We were able to discover this switch
in random motility coefficient accompanied by a change in morphology for ROCKinhibited RAW/LR5 cells on high versus low concentrations of fibronectin because of our
unique ability to study motility in two dimensions.
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CONCLUSIONS
We have shown that microcontact printed PDMS surfaces serve as an
ideal platform for studying macrophage migration in two-dimensions. We have shown
that we can functionally block our surfaces, guaranteeing that all the macrophage motility
seen in our experiments is specifically due to cell interactions with fibronectin. Using
these surfaces, we were able to show that RAW/LR5 macrophages exhibit biphasic
motility with increasing fibronectin or CSF-1 concentrations. We were also able to show
that PI3K signaling, but not Cdc42 or ROCK activity, is required for migration of
macrophages. This system for studying two-dimensional migration has allowed us to
discover unique migratory morphologies for ROCK-inhibited cells on varying fibronectin
concentrations. It has also allowed us to quantitatively compare the migration of
macrophages under various signaling-impaired conditions. In the future, this surface
preparation can serve as a tool for studying highly adhesive cells such as macrophages in
two-dimensions and directly relate their migration to integrin-binding interactions
without confounding surface effects.
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CHAPTER 4: FORCE GENERATION BY
MOTILE PRIMARY HUMAN MACROPHAGES
Adapted from: Hind LE, Dembo M, and Hammer DA “Macrophages Generate Strong
Traction Forces at their Leading Edge in a Stiffness-Dependent Manner.” Integrative
Biology. Reproduced by permission of The Royal Society of Chemistry.

ABSTRACT
The ability of macrophages to properly migrate is crucial to their success as early
responders during the innate immune response. Furthermore, improper regulation of
macrophage migration is known to contribute to several pathologies. The signaling
mechanisms underlying macrophage migration have been previously studied, but to date
no one has investigated the mechanical mechanism of macrophage migration. In this
study, we have created the first traction maps of motile primary human macrophages by
observing their migration on compliant polyacrylamide gels. We find that the force
generated by migrating macrophages is concentrated in the leading edge of the cell and
that the magnitude of this force is dependent on the stiffness of the underlying matrix.
With the aid of chemical inhibitors, we showed that signaling through the RhoA kinase
ROCK, myosin II, and PI3K is essential for proper macrophage force generation.
Finally, we showed that Rac activation by its GEF Vav1 is crucial for macrophage force
generation while activation through its GEF Tiam1 is unnecessary.
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INTRODUCTION
Macrophages play an important role in the innate immune response by clearing
pathogens through phagocytosis and activating the adaptive immune response through
cytokine production and antigen-presentation. In order to perform these functions,
macrophages must be able to efficiently migrate to sites of infection. Improper regulation
of macrophage function has been linked to several diseases including atherosclerosis,
rheumatoid arthritis, and cancer [1]; therefore, it is crucial that we develop a better
understanding of the mechanisms underlying macrophage migration. Previous work on
macrophage migration has investigated the role of signaling molecules on chemokinesis
and chemotaxis, [2] but to our knowledge no group has studied the spatio-temporal
regulation of forces during macrophage migration.
Cellular traction forces have been shown to be important for cell adhesion [3, 4],
spreading [5], motility [3, 6], and extra-cellular matrix remodeling [7]. To effectively
migrate on and through tissues, anchorage-dependent cells must attach to their underlying
substrate and generate traction against that substrate. In the towing model of cell motility
the cell extends a lamellipodia and attaches to the underlying substrate through integrin
binding to the extra cellular matrix. The cell then contracts, which exerts traction on its
underlying substrate and generates strong cellular forces at the leading edge of the cell.
This contraction allows for the release of the cell’s uropod and the forward motility of the
cell [8]. This towing model has been shown to broadly apply to large contractile cells
such as endothelial cells and fibroblasts. The spatial distribution of forces of
mesenchymal cells migrating on compliant surfaces has been studied in depth [3, 5, 6];
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but despite the importance of immune cell motility, relatively little work has been done to
characterize the mechanical mechanisms behind the motility of immune cells.
Leukocyte motility differs from mesenchymal cell motility in several ways.
Leukocytes are fast moving cells that migrate with low persistence. In order to achieve
their high speed, leukocytes form weak, short-lived adhesions to their substratum. This is
in contrast to mesenchymal cells which form strong focal adhesions to their surface and
contain stress fibers that allow for large cellular contractions [8]. Our laboratory has
embarked on an effort to categorize the spatio-temporal distribution of forces in all the
motile cells of the immune system. Previously, we showed that neutrophils achieve
motility through an alternative mode of migration termed tail-contraction or rearwardsqueezing [9, 10]. In this mode of motility, the traction forces are concentrated in the cell
uropod and the cell is pushed forward through a “squeezing” mechanism that is
dependent on myosin activity. The traction stresses generated by neutrophils were found
to be small compared to those generated by mesenchymal cells, which is consistent with
their need to move quickly toward targets. Further work by our lab went on to show that
this mode of motility is not shared by all leukocytes. Dendritic cells, which are of the
monocytic lineage, display maximal stresses at the leading edge of cell, indicating they
use the towing model of migration. The forces displayed during dendritic cell migration
were even weaker than those generated by neutrophils [11]. The contrast among the
behaviors of leukocytes illustrated the importance of studying the force generation of
each cell type individually since no one mode of motility is shared by all leukocytes.
The use of polyacrylamide gels coupled with traction force microscopy offers
many advantages over the technologies that have been utilized to quantify cellular
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traction forces in the past [3, 6]. Polyacrylamide hydrogels are optically clear and nontoxic which allows for easy cell culture and imaging. Furthermore, they are elastic and
can be easily tuned to a variety of stiffnesses, allowing quantification of forces across
many magnitudes. In TFM, polyacrylamide gels are fabricated using a specific
polymer:crosslinker ratio to obtain gels of the desired stiffness and fluorescent marker
beads are embedded within the gel during polymerization. During cell migration, images
are taken of the cell and the beads. The cell is then lifted off the gel and an image is taken
of the unstressed bead locations. The tractions applied on the gel can then be calculated
from the displacement of the beads from the unstressed position. Our lab has used this
technology to measure the traction stresses of cells undergoing adhesion and spreading as
well as leukocyte migration [5, 9, 10, 12, 13].
In this study we have used traction force microscopy (TFM) to determine the
force generation profile of macrophages migrating on compliant surfaces. To our
knowledge, this is the first measurement of force generation for motile macrophages. We
sought to determine the type of motility employed by macrophages and which signaling
molecules are most important for macrophage force generation. Our results indicate that
macrophages use a towing mode of motility with the strongest forces concentrated at the
leading edge of migrating cells. We have also shown that the magnitude of force
generation is dependent on the stiffness of the underlying substrate. Furthermore, we
have determined using a range of chemical inhibitors that the force generated by
macrophages, like other leukocytes, is dependent on signaling through PI3K, RhoA, and
myosin II. Finally, we have shown that Rac signaling is critical for force generation
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when Rac is activated by Vav1 but not when Rac is activated by Tiam1; these results
illustrate the complexity of signaling that occurs upstream of force generation.
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MATERIALS AND METHODS
Reagents
Bovine fibronectin and recombinant human M-CSF were obtained from Sigma
(St. Louis, MO). We used the inhibitors Y27632 [14] at 10µM from Millipore (Billerica,
MA), Blebbistatin [15] at 20 µM from Sigma (St. Louis, MO), LY294002 [16] at 50 µM
from Cell Signaling (Boston, MA), NSC23766 [17] at 50 µM from Millipore (San Diego,
CA), 6-thio-GTP [18] at 10 µM from Jena Bioscience (Jena, Germany).

Isolation of Monocytes
Whole blood was obtained from healthy human donors by venipuncture and
collected in BD Vacutainer tubes containing sodium heparin as an anticoagulant (BD
Biosciences, San Jose, CA). Samples were collected with University of Pennsylvania
Institutional Review Board approval from consenting adult volunteers. Blood samples
were layered in a 1:1 ratio of whole blood to the density gradient 1-Step Polymorphprep
(Axis-Shield, Oslo, Norway). Vials were centrifuged at 1500 rpm for 40 minutes and the
mononuclear band was collected into a fresh vial.

Differentiation and Cell Culture of Macrophages
Cells were allowed to adhere to sterile non-tissue culture treated dishes in RPMI1640 supplemented with 10% heat-inactivated FBS overnight. Non-adhered cells were
removed and washed with PBS. Adherent monocytes were then differentiated for 7 days
in RMPI-1640 supplemented with 10% heat-inactivated FBS and 2ng/mL M-CSF
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(Sigma, St. Louis, MO). Cells were used for experimentation 7-12 days following the
start of differentiation.

Surface Preparation
Coverslips (No 1, 45 x 50 mm, Fisher Scientific, Pittsburgh, PA) were chemically
activated in preparation for covalent attachment of polyacrylamide gels using a method
adapted from the protocol by Pelham and Wang. Briefly, coverslips were washed for 4
hours in 0.2 M hydrogen chloride then rinsed several times with distilled water. They
were then neutralized with 0.1 M sodium hydroxide for 30 minutes and rinsed with
distilled water. Coverslips were incubated on an orbital shaker in 3-aminopropyl
trimethoxysilane 0.5% for 30 minutes and rinsed with distilled water. They were then
activated with 0.5% glutaraldehyde for at least 1 hour. The coverslips were then air-dried
overnight.

Synthesis of the Bifunctional Linker
N-6-((acryloyl)amino)hexanoic acid (N-6) was synthesized using the method
described by Pless et al. The N-6 copolymerizes in the acrylamide to form a reactive
polyacrylamide gel. The N-6 contains an n-succinimidyl ester that is displaced by a
primary amine to link the amine-containing ligand, such as fibronectin, to the
polyacrylamide gel.
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Gel Synthesis
Acrylamide solutions were prepared containing acrylamide (40% w/v solution),
n,n’-methylene-bis-acrylamide (2% w/v solution), n’-tetramethylethylene di-amine, and
ammonium persulfate from Bio-Rad Laboratories (Hercules, CA). Additionally, the gels
contained 0.25M HEPES, buffered to pH 8, 5.6mg of N6 dissolved in ethanol, distilled
water, and carboxylate-modified fluorescent latex beads (0.5µm Fluorospheres,
Molecular Probes, Eugene, OR). The concentrations of acrylamide and bis were varied
to control the mechanical properties of the hydrogel.
A drop of gel solution was dispensed onto a Rainex-coated 18mm glass coverslip.
A second activated rectangular coverslip was placed on top of the gel droplet to flatten
the solution; the assembly was polymerized in an inverted position to allow beads to
settle to the top surface of the gel. The gels were polymerized under nitrogen for 45
minutes. The top coverslip was gently peeled away leaving a thin gel immobilized on the
activated coverslip. Gels were rinsed with distilled water and incubated with 5µg/mL
fibronectin in 50mM HEPES buffer overnight. Unreacted N-6 was blocked with 1:100
ethanolamine in 50mM HEPES for 30 minutes and stored in 1 x PBS at 4°C for up to 2
weeks.

Traction Force Microscopy of Migrating Macrophages
Traction force microscopy has been described previously [6]. Briefly, traction
forces were determined based on deformations in the polyacrylamide substrate relative to
the relaxed substrate as detected by movements of 0.5-µm beads embedded in the gel.
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Primary human macrophages were plated on fibronectin-coated polyacrylamide
gels at 1x104 cells/mL and incubated for 1 hour at 37°C. Unattached cells were washed
away and fresh RPMI with 20ng/mL human M-CSF was added to the gel chamber.
Phase contrast images of the cell were taken every 10 minutes during cell migration.
Directly after a phase image was taken, a corresponding fluorescent image of the beads
embedded beneath the cell was taken. Images were taken over a 4 hour period. At the
end of migration the cells were removed using 0.5% SDS and an image of the beads in
their unstressed state was taken. Using custom-written LIBTRC software, the bead
displacements within the gel were calculated, the cell and nucleus were drawn, and a
mesh that fits within the outline of the cell was created. Using the bead displacements
and the material properties of the gel, the most likely surface traction vectors were
calculated using the technique described by Dembo and Wang.
The overall force, |F|, exerted by the cell on its substrate, is an integral of the
traction field magnitude over the area,

, where

is the continuous field of traction vectors defined at any
spatial position (x,y) within the cell.

Inhibition of Macrophages
All experiments in which macrophages were treated with a chemical inhibitor
followed the same protocol. Briefly, macrophages were seeded on 10,400Pa gels
functionalized with 5µg/mL fibronectin and allowed to adhere for one hour. The cells
were then washed, and fresh media containing the correct concentration of inhibitor was
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applied. The macrophages were incubated for 1 hour to allow complete inhibition. MCSF was then added directly prior to traction force measurements being taken. All
traction force measurements were taken in the continued presence of the chemical
inhibitor. The forces exerted by inhibited macrophages were compared to the previously
measured forces of uninhibited macrophages on 10,400Pa gels.
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RESULTS
Macrophage Force Generation is Concentrated at the Leading Edge of Migrating Cells
and is Dependent on Substrate Stiffness
Substrate stiffness has been shown to affect a variety of cellular behaviors
including differentiation, adhesion, and migration. We therefore hypothesized that
changing the substrate elasticity would cause changes in macrophage force generation.
Traction force microscopy was used to determine force generated by macrophages on
substrates of increasing stiffness. Polyacrylamide gels were fabricated over a range of
elastic moduli from 2.5 kPa to 15.6 kPa. This range of moduli encompasses the
physiological range of tissue stiffnesses macrophages are exposed to in vivo including
both healthy and diseased tissue [19, 20]. We used M-CSF to stimulate polarization and
motility in our experiments; however macrophages require the chemokine M-CSF to
differentiate and proliferate. Therefore, macrophages were differentiated and maintained
in M-CSF but the M-CSF was removed for 18 hours prior to experimentation. The cells
were then stimulated with 20ng/mL M-CSF immediately before force measurements
began. The force generated by macrophages was measured on polyacrylamide hydrogels
of increasing stiffness. We found that the force exerted by macrophages increases with
increasing substrate stiffness (Figure 4.1A). The area of the macrophages analyzed was
also determined and found to be biphasic with respect to substrate stiffness Figure 4.1B.
This result indicates that the increasing force seen on substrates of increasing stiffness is
directly correlated to the stiffness of the substrate and not an artifact of increased
spreading of the macrophage.
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Figure 4.1. Primary human macrophages on polyacrylamide gels of increasing stiffness.
(A) Root-mean-squared force of primary human macrophages increases as a function of
gel stiffness. (B) Spread area of primary human macrophages is biphasic with gel
stiffness. (n > 46 cells per condition). Error bars are standard error,
* indicates p < 0.05.
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Different patterns of force organization have been seen in various motile
leukocytes. Our lab has previously shown that neutrophils have high forces in the rear of
the cells relative to motion, indicating a rearward-squeezing mode of motility [9, 10].
Conversely, dendritic cells show high forces at the front of the cells relative to motion,
indicating a forward towing mechanism [11]. Therefore, we next wanted to determine
the distribution of forces in a motile macrophage to better understand the type of motility
macrophages employ. Using traction maps of highly motile cells, we found that
macrophages generate the strongest forces in the front of the cell relative to motion. A
representative cell illustrating this result is shown in Figure 4.2A. These figures illustrate
cell tractions using heat maps to show the areas of greatest traction and arrows to indicate
the direction of cell motion between the current position and the next frame. An
illustration of the cell migration track for the representative cell is shown in Figure 4.2B.
This type of force pattern suggests that macrophages use a towing mechanism of motility
in which cells extend a pseudopod and attach to the substrate, generate cellular
contraction through their actomyosin cytoskeleton which exerts tension on the substrate,
and then release the uropod.

Macrophage Force Generation Requires Myosin Contraction through ROCK Signaling
Actin-myosin activity within the cell is important for cellular contraction and tail
retraction during motility. This contractility depends on RhoA signaling to myosin II
through its kinase ROCK. To determine the contribution of RhoA signaling on
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Figure 4.2. Traction contour maps of a migrating macrophage. (A) Contour plots shows
traction stresses and arrows indicate the direction of motion between the indicated
timepoint and the next timepoint of a representative macrophage on a 10,400Pa gel. (B)
Outlines of cell position every 20 minutes to illustrate cell migration.
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macrophage force generation we used two chemical inhibitors: Y27632 to block ROCK
signaling and Blebbistatin to block myosin II signaling. Both inhibitions were performed
separately following the protocol described in the materials and methods section. We
found that treatment of the cells with either Y27632 or Blebbistatin lead to a significant
reduction in force generation (Figure 4.3A). As has been previously seen, cells inhibited
with Y27632 displayed long, unretracted tails and little force generation (Figure 4.3B).
Cells treated with Blebbistatin showed no polarization or significant force generation
(Figure 4.3C).

Macrophage Force Generation is Dependent on PI3K Signaling and Rac Signaling
Downstream of Vav1 but not Tiam1
Phosphoinositide 3-kinase (PI3K) is a membrane-bound signaling protein that
interacts with both integrin receptors as well as the M-CSF receptor [21]. Upon
stimulation, PI3K signals downstream to several pathways inducing membrane ruffling,
cell polarization, and motility [22-24]. We investigated the role of PI3K activity in
macrophage force generation by inhibiting cells with 50µM LY294002. Cells were
inhibited using the same protocol outlined in materials and methods. We found that
inhibition of PI3K caused a significant decrease in macrophage force generation (Figure
4.4A); a representative traction map of an LY294002 inhibited cell is shown in Figure
4.4B.
Rac, a GTPase downstream of PI3K signaling, is known to be involved in
lamellipodial protrusion at the leading edge of migrating macrophages [25]. We
hypothesized that Rac would be important for macrophage force generation because of its
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Figure 4.3. Macrophage force generation with rear contraction inhibition. (A) Rootmean-squared forces of uninhibited macrophages, macrophages inhibited with 10µM
Y27632 to reduce ROCK signaling, and macrophages inhibited with 20µM Blebbistatin
to reduce myosin II activity. (B) Traction contour plot of a representative cell inhibited
with Y27632 imaged at 10 minutes. (C) Traction contour plot of a representative cell
inhibited with Blebbistatin imaged at 340 minutes. The traction contours are plotted
using the same force scale as in Figure 2A. All results from macrophages plated on
10,400Pa gels with 5µg/mL fibronectin. (n > 44 for each condition). Error bars are
standard error. * indicates p < 0.05.
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Figure 4.4. Macrophage force generation with leading edge inhibition. (A) Root-meansquared force of uninhibited macrophages and macrophages inhibited with 50µM
LY294002 to reduce PI3K signaling. (B) Traction contour plot of a representative cell
inhibited with LY294002 imaged at 230 minutes. (C) Root-mean-squared force of
uninhibited macrophages, macrophages inhibited with 50µM NSC23766 to reduce RacTiam1 binding, and macrophages inhibited with 10µM 6-thio-GTP to block Rac-Vav1
binding. (D) Traction contour plot of a representative cell inhibited with NSC23766
imaged at 320 minutes. (E) Traction contour plot of a representative cell inhibited with
6-thio-GTP imaged at 240 minutes. The traction contours are plotted using the same
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force scale as in Figure 2A. All results from macrophages plated on 10,400Pa gels with
5µg/mL fibronectin. (n > 58 for each condition). Error bars are standard error.
* indicates p < 0.05.
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role in motility at the leading edge of cells and our previous finding that macrophage
forces during motility are the strongest at the front of the cell. We first inhibited cells
with 50µM NSC23766, a chemical inhibitor that primarily prevents activation of Rac by
blocking the interaction of Rac and Tiam1, a Rac GEF. We found that this inhibition
caused no significant change in the ability of macrophages to generate force (Figure 4.4C
and D). However, others have previously found that the specific GEF involved in Rac
activation can determine Rac’s downstream function [26]. We therefore sought to inhibit
Rac through a GEF known to be important in cell motility. Macrophages were treated
with 10µM 6-thio-GTP which prevents Rac binding to its GEF Vav1. Contrary to our
results with NSC23766, this inhibition of Rac lead to a significant reduction in the force
produced (Figure 4.4C and E). This result suggests that the activation of Rac for force
generation is, at least to some degree, GEF-specific.
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DISCUSSION
Previous work has shown that matrix stiffness has a significant effect on forcemediated cell behaviors including cell adhesion [3, 4], spreading [5], and migration [3, 6].
We have shown that in primary human macrophages, force generation is a stiffnessdependent process with increasing stiffness of the underlying matrix resulting in
increased force generation. This trend has been seen in other cell types including
leukocytes [9]. This result is important physiologically because macrophages must
migrate through tissues of different densities in the body. In addition, many of the
diseases associated with macrophage migration are accompanied by changes in the
stiffness of native tissues such as hardening of the arteries in atherosclerosis and
development of solid tumors in cancer [1, 20, 27, 28]. We have shown that macrophages
are able to sense the stiffness of the underlying tissue and modulate their
mechanobehavior accordingly. They are able to generate very large traction stresses in
response to stiff substrates which may be necessary for migration through tissues in the
body.
We were also able to show that the increase in force seen on substrates of
increasing stiffness was not solely due to an increase in cell area because cell spread area
was found to be biphasic with increasing matrix stiffness. Although many cells increase
their cell area as a function of matrix stiffness, others have found a similar biphasic
relationship of area with increasing stiffness [29]. This could be explained by the recent
result indicating that an increase in substrate stiffness leads to an increase in integrin
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clustering [30]. This clustering could prevent the cells from spreading over a large area
on stiff substrates.
We have created the first traction maps of migrating macrophages and have
shown that the highest areas of traction stress are at the leading edge of a migrating
macrophage. This result indicates that macrophages utilize a forward towing mechanism
of motility. Our lab has previously shown that this type of force distribution is seen in
dendritic cells, another monocytic cell lineage [11]. The forces exerted by dendritic cells
are much smaller than those exerted by macrophages, although a direct comparison of the
magnitude of the forces is impossible because these forces were measured using a
micropost array. This distribution of forces among leukocytes of monocytic lineage is in
contrast to the distribution seen in neutrophils [9] suggesting that leukocyte motility is
diverse and the mechanisms used by cells undergoing amoeboid motility are not uniform.
We next sought to investigate the signaling involved in the generation of traction
force by macrophages. We have previously shown that inhibition of the RhoA kinase
ROCK in a macrophage cell line does not significantly decrease the cell’s motility but it
has a strong effect on cell morphology. Others have also shown that ROCK is important
for the generation of cellular traction forces [9]. Therefore, we used the chemical
inhibitor Y27632 to investigate the effect of ROCK signaling on macrophage force
generation. We found that cells inhibited with Y27632 show long unretracted tails due to
a defect in myosin contraction. These cells also exhibited little to no force (Figure 4.3A
and B). Therefore, RhoA signaling through ROCK is clearly necessary for macrophage
force generation. These results support previous findings that ROCK activity is strongly
correlated with the stabilization of the actin cytoskeleton and integrin activation in
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monocytic cells [31, 32]. We also found that the myosin II inhibitor, Blebbistatin, lead to
a significant reduction in traction force (Figure 4.3A and C). As expected, this result
indicated that myosin II is necessary for proper cytoskeletal contraction and force
generation.
Several signaling pathways localized in the front of migrating cells have been
shown to be important for macrophage migration. Phosphoinositide 3-kinase (PI3K) is
activated at the cell membrane and has been shown to be upstream of many signaling
pathways involved in macrophage migration [22-24]. We found that in addition to
macrophage migration, PI3K signaling is also important for macrophage force
generation. Inhibition of macrophages with the chemical inhibitor LY294002 led to a
significant decrease in force generation (Figure 4.4A and B).
One GTPase known to be activated downstream of PI3K is Rac. Rac has been
previously shown to be important for macrophage ruffling and motility. Like other
GTPases, Rac is activated by several guanine nucleotide exchange factors or GEFs.
These GEFs exchange a GDP bound to the GTPase for a GTP, thereby activating the
GTPase. We have shown that inhibition of Rac through NSC23766, which blocks Rac
binding to the GEF Tiam1, leads to no change in force generation but inhibition of Rac
through 6-thio-GTP, which blocking binding between Rac and Vav1, leads to a
significant reduction in force. This result indicates that Rac’s downstream activity is
affected by which GEF activated it. Others have previously shown that in chronic
lymphocytic leukemia cells, Rac activated through Tiam1 was not necessary for cell
motility but was important for proliferation [33]. Furthermore, it has been shown that in
neutrophils Vav1 is essential for motility and the mechanosensing under flow [34]. Vav1
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has also been shown to be important in F-actin reorganization in macrophages [35].
These previous results along with the results presented in this study indicate that Rac
activation by Vav1 is crucial for macrophage force generation, potentially due to Vav1’s
role in mediating signals from integrins to Rac and its ability to reorganize the
cytoskeleton. Rac activation by Tiam1, however, leads to signaling events that are not
necessary for macrophage force generation.
We have shown that macrophages are mechanoresponsive cells capable of
exerting large forces on their underlying substrate. This ability may offer an advantage to
macrophages which spend large amounts of time navigating through tissues of different
densities. We have also shown that macrophages concentrate their forces at the leading
edge of migrating cells and that signaling events that occur at the front of migrating cells
are critical for macrophage force generation. PI3K is known to translocate to the leading
edge of polarized cells [24], and it has been shown that Vav1 is a PI3K-dependent
activator for Rac1 in macrophages stimulated with CSF-1 [36]. Therefore, it is
significant to note that inhibition of either PI3K activity or the Vav1-Rac1 interaction
leads to a significant reduction in force generation by macrophages. It is plausible that
the signaling activity through PI3K and Rac1 has a significant influence on the frontaltowing mechanism of migrating macrophages.
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CONCLUSIONS
We have been able to show that macrophages produce large forces during
migration on compliant surfaces. These traction maps indicate that macrophages use a
pulling mechanism of motility with large forces in the front of migrating cells. We have
found some of the molecules responsible for this force and have shown that the activation
path for GTPases is important when considering their downstream effecter functions. To
our knowledge, this is the first demonstration of force generation during macrophage
migration. In the future, studies like this will be crucial in understanding the role of
mechanosensing in macrophage migration and the signaling events involved in motility.
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CHAPTER 5: MOTILITY AND FORCE
GENERATION OF M1 AND M2 POLARIZED
MACROPHAGES

ABSTRACT
Macrophages become polarized by cues in their environment and this polarization
causes a change in the function of the macrophages as well as their cytokine release and
cell surface receptor profiles. Two main subsets of macrophages have been described;
M1 or “classically activated” macrophages are pro-inflammatory and M2 or
“alternatively activated” macrophages are anti-inflammatory. In addition to chemical
changes, polarization has been shown to change the morphology of macrophages and it
has further been reported that changes in shape can alter the polarization state of
macrophages in the absence of chemical cues. In this study, we investigated the
migration and force generation of primary human macrophages polarized down the M1
and M2 pathways. We found that M1 macrophages are significantly less motile and M2
macrophages are significantly more motile than unpolarized, M0, macrophages. We also
showed that M1 macrophages generate significantly less force than M0 or M2
macrophages. Finally, using the chemical inhibitor Y27632 we found that M0 and M2
but not M1 force generation is dependent on myosin II contraction through ROCK. This
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study represents the first investigation of the changes that occur in the mechanical
mechanisms underlying macrophage motility after polarization.
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INTRODUCTION
Macrophages are a highly heterogeneous and plastic group of cells that reside in
differing tissues throughout the body and perform diverse functions. Originating from
circulating monocytes, macrophages differentiate upon entering tissues and can become
further activated by cues in their environment [1]. It has been shown that a variety of
soluble cues can drive this activation as well as mechanical changes such as cell shape [2,
3]. In general, macrophages are categorized into two main ‘activation’ states.
Macrophages can be ‘classically activated’ along a pro-inflammatory or M1 pathway by
microbial stimuli such as INFγ and lipopolysachharide (LPS) [4]. M1 macrophages are
found in active inflammation and secrete high amounts of cytokines such as TNFα, IL12, and IL-23 that lead to an adaptive immune response [2]. In contrast, macrophages
can also be ‘alternatively activated’ along an anti-inflammatory or M2 pathway by IL-4
or IL-10 [2]. M2 macrophages are seen in the resolution phase of inflammation and
secrete anti-inflammatory cytokines such as CCL17 and CCL22 [1]. Macrophage
activation also leads to changes in the morphology and mRNA profiles of these cells [5].
Polarization of macrophages has also been shown to change the motility of the
cells; M1 macrophages have lower overall motility and M2 macrophages have increased
motility in both random and chemotactic environments [6, 7]. Furthermore, differentially
polarized macrophages have been associated with the progression of certain disease
states. In type II diabetes, chronic inflammation in adipose tissue is caused by the
enhanced recruitment of pro-inflammatory (M1) macrophages [8]. In contrast, antiinflammatory M2 macrophages facilitate tumor progression and invasion in cancer by
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suppressing the immune response as well as promoting angiogenesis and metastasis [9,
10]. Macrophages have also been seen migrating with tumor cells away from solid
tumors and into the vasculature [11].
Mechanical stimuli have also been shown to contribute to macrophage
polarization. Macrophage polarization has been shown to alter cell morphology. M2
polarized macrophages are much more elongated and M1 macrophages are circular [5].
It has been shown that elongation of macrophages can cause an M2 phenotype in the
absence of chemical cues and protect against M1 polarization in the presence of LPS and
INFγ. Furthermore, restriction of cellular morphology to prevent cell elongation reduced
the M2 phenotype characteristics [2]. These results indicate that there is a physical and
mechanical basis for macrophage polarization. We therefore hypothesized that there will
be a change in the mechanical properties of macrophages polarized down M1 and M2
pathways.
In this study we have used traction force microscopy and a chemokinesis assay to
evaluate the motility and force generation of polarized macrophages on compliant
polyacrylamide gels. Primary human macrophages were polarized on 10,400Pa gels
functionalized with fibronectin into an M1 or M2 phenotype using INFγ and LPS or IL-4
respectively, and untreated (M0) macrophages were used as a control. The motility or
force generation of the polarized cells was then measured after 24 hours. We found that
M1 macrophages have significantly reduced motility and M2 macrophages have
significantly higher motility than unpolarized macrophages. We have also discovered
that M1 macrophages generate significantly less force than both M0 and M2
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macrophages, but there is no significant change in force associated with M2 polarization.
Finally, we have shown that inhibition of ROCK activity using a chemical inhibitor
reduces the force generation by M0 and M2 macrophages but does not alter the force
generation of M1 macrophages, indicating that the forces produced by M1 macrophages
are not dependent on myosin II contraction downstream of ROCK signaling. These
results show that in addition to changes in cellular signaling and cytokine production,
polarization changes the mechanical phenotype of macrophages.
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MATERIALS AND METHODS
Reagents
Bovine fibronectin, recombinant human M-CSF, and E. Coli LPS
(lipopolysaccharide) were obtained from Sigma (St. Louis, MO). Recombinant human
IFNγ (interferon-γ) and recombinant human IL-4 were obtained from Peprotech (Rocky
Hill, NJ). We used the inhibitor Y27632 at 10µM from Millipore (Billerica, MA).

Isolation of Monocytes
Whole blood was obtained from healthy human donors by venipuncture and
collected in BD Vacutainer tubes containing sodium heparin as an anticoagulant (BD
Biosciences, San Jose, CA). Samples were collected with University of Pennsylvania
Institutional Review Board approval from consenting adult volunteers. Blood samples
were layered in a 1:1 ratio of whole blood to the density gradient 1-Step Polymorphprep
(Axis-Shield, Oslo, Norway). Vials were centrifuged at 1500 rpm for 40 minutes and the
mononuclear band was collected into a fresh vial.

Differentiation and Cell Culture of Macrophages
Cells were allowed to adhere to sterile non-tissue culture treated dishes in AimV
media overnight. Non-adhered cells were removed and washed with PBS. Adherent
monocytes were then differentiated for seven days in AimV supplemented with 2ng/mL
M-CSF (Sigma, St. Louis, MO). Cells were used for experimentation 7-12 days
following the start of differentiation.
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Polarization of Macrophages
Macrophages were plated on polyacrylamide gels in AimV media supplemented
with 2ng/mL M-CSF and 1% penicillin-streptomycin and incubated for 1 hour. Nonadherent cells were washed away and attached cells were polarized for 24 hours in AimV
supplemented with 2ng/mL, penicillin-streptomycin, and specific polarization factors.
M1 macrophages were polarized with 20ng/mL IFNγ and 100ng/mL LPS. M2
macrophages were polarized with 20ng/mL IL-4. M0 macrophages were plated without
polarization factors and incubated on the gels for the same amount of time as the
polarized cells.

Surface Preparation
Coverslips (No 1, 45 x 50 mm, Fisher Scientific, Pittsburgh, PA) were chemically
activated in preparation for covalent attachment of polyacrylamide gels using a method
adapted from the protocol by Pelham and Wang. Briefly, coverslips were washed for 4
hours in 0.2 M hydrogen chloride then rinsed several times with distilled water. They
were then neutralized with 0.1 M sodium hydroxide for 30 minutes and rinsed with
distilled water. Coverslips were incubated on an orbital shaker in 3-aminopropyl
trimethoxysilane 0.5% for 30 minutes and rinsed with distilled water. They were then
activated with 0.5% glutaraldehyde for at least 1 hour. The coverslips were then air-dried
overnight.
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Synthesis of the Bifunctional Linker
N-6-((acryloyl)amino)hexanoic acid (N-6) was synthesized using the method
described by Pless et al. The N-6 copolymerizes in the acrylamide to form a reactive
polyacrylamide gel. The N-6 contains an n-succinimidyl ester that is displaced by a
primary amine to link the amine-containing ligand, such as fibronectin, to the
polyacrylamide gel.

Gel Synthesis
Acrylamide solutions were prepared containing acrylamide (40% w/v solution),
n,n’-methylene-bis-acrylamide (2% w/v solution), n’-tetramethylethylene di-amine, and
ammonium persulfate from Bio-Rad Laboratories (Hercules, CA). Additionally, the gels
contained 0.25M HEPES, buffered to pH 8, 5.6mg of N6 dissolved in ethanol, distilled
water, and carboxylate-modified fluorescent latex beads (0.5µm Fluorospheres,
Molecular Probes, Eugene, OR). The concentrations of acrylamide and bis were varied
to control the mechanical properties of the hydrogel.
A drop of gel solution was dispensed onto a Rainex-coated 18mm glass coverslip.
A second activated rectangular coverslip was placed on top of the gel droplet to flatten
the solution; the assembly was polymerized in an inverted position to allow beads to
settle to the top surface of the gel. The gels were polymerized under nitrogen for 45
minutes. The top coverslip was gently peeled away leaving a thin gel immobilized on the
activated coverslip. Gels were rinsed with distilled water and incubated with 5µg/mL
fibronectin in 50mM HEPES buffer overnight. Unreacted N-6 was blocked with 1:100
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ethanolamine in 50mM HEPES for 30 minutes and stored in 1 x PBS at 4°C for up to 2
weeks.

Chemokinesis Assay
Polyacrylamide gels fabricated on 25mm coverslips were attached to 6-well plates
with vacuum grease. Cells were plated in each well at 4.2x104 cells/mL and incubated
for one hour. After incubation, the cells were washed with AimV to remove any
unattached cells. Cells were polarized for 24 hours in AimV supplemented with
polarization factors (Sigma, St. Louis, MO and Peprotech, Rocky Hill, NJ) and 1%
penicillin-streptomycin. Using a custom-built LabView (Texas Instruments, Austin, TX)
software, 15 fields of view per condition were imaged at 10x magnification by phase
microscopy on a Nikon Eclipse TE300 (Nikon, Melville, NY). Images were captured
every 10 minutes for 24 hours using time-lapse microscopy. Cell trajectories were
captured using the ImageJ Manual Tracking plugin. Chemokinesis parameters were
calculated using a custom written MATLAB (Mathworks, Natick, MA) script which fits
the speed (S) and persistence time (P) to the Dunn Equation:[12]
. The random motility coefficient is a relative diffusion coefficient for
the cells in a uniform chemokine field. The random motility coefficient, µ, is calculated
using the fit parameters in the following equation:
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.

Traction Force Microscopy of Migrating Macrophages
Traction force microscopy has been described previously [13]. Briefly, traction
forces were determined based on deformations in the polyacrylamide substrate relative to
the relaxed substrate as detected by movements of 0.5-µm beads embedded in the gel.
Primary human macrophages were plated on fibronectin-coated polyacrylamide
gels at 1x104 cells/mL and incubated for 1 hour at 37°C. Unattached cells were washed
away and fresh AimV with 2ng/mL human M-CSF was added to the gel chamber. The
cells were allowed to polarize for 24 hours. Phase contrast images of the cell were taken
every 10 minutes during cell migration. Directly after a phase image was taken, a
corresponding fluorescent image of the beads embedded beneath the cell was taken.
Images were taken over a 4-hour period. At the end of migration, the cells were removed
using 0.5% SDS and an image of the beads in their unstressed state was taken. Using
custom-written LIBTRC software, the bead displacements within the gel were calculated,
the cell and nucleus were drawn, and a mesh that fits within the outline of the cell was
created. Using the bead displacements and the material properties of the gel, the most
likely surface traction vectors were calculated using the technique described by Dembo
and Wang.
The overall force, |F|, exerted by the cell on its substrate, is an integral of the
traction field magnitude over the area,

, where

is the continuous field of traction vectors defined at any
spatial position (x,y) within the cell.
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Inhibition of Macrophages
Macrophages were seeded on 10,400Pa gels functionalized with 5µg/mL
fibronectin and allowed to adhere for 1 hour. After incubation, the cells were washed
with AimV to remove any unattached cells. Cells were polarized for 24 hours in AimV
supplemented with polarization factors (Sigma, St. Louis, MO and Peprotech, Rocky
Hill, NJ) and 1% penicillin-streptomycin. After 24 hours, the ROCK inhibitor was added
to the wells at 10 µM. The macrophages were incubated for 1 hour to allow complete
inhibition. All traction force measurements were taken in the continued presence of the
chemical inhibitor. The forces exerted by inhibited macrophages were compared to the
previously measured forces of uninhibited macrophages on 10,400Pa gels.
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RESULTS
Macrophage Polarization Alters Macrophage Motility on Polyacrylamide Gels
We first sought to determine the effect of polarization on macrophage migration
on compliant polyacrylamide gels. Other laboratories have studied the migration of M1
and M2 polarized macrophages using transwell chambers and three-dimensional gels, but
M1 and M2 macrophage migration has not yet been described on two-dimensional gels.
For the chemokinesis experiments, gels were fabricated at 10,400Pa and functionalized
with 5 ug/mL fibronectin. Primary human macrophages were seeded on these gels and
polarized into an M1 or M2 phenotype overnight. As a control, one well was not treated
with any polarization factors and will be referred to as the M0 phenotype. The control
M0 macrophages were able to efficiently migrate on the polyacryalmide gels. The
random motility coefficient, a relative diffusion coefficient of migrating cells, of M1
polarized macrophages was significantly reduced when compared to the M0 and M2
macrophages (Figure 5.1). Furthermore, the M2 macrophages had a higher random
motility coefficient than control M0 macrophages.

M1 Macrophages Generate Significantly Less Force than M0 or M2 Macrophages
Macrophage polarization has previously been shown to lead to a change in cell
morphology; however, the mechanical changes accompanying macrophage polarization
have not been studied. Unpolarized primary human macrophages have been shown to
generate strong forces on compliant polyacrylamide gels. We therefore hypothesized that
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Figure 5.1: Motility of polarized macrophages. Random motility coefficient of M0, M1,
and M2 polarized macrophages migrating on 10,400Pa gels coated with 5µg/mL
fibronectin. (n > 300 cells per condition) Error bars are standard error. * indicates p <
0.05.
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macrophage polarization would lead to a change in the force generation of the cells. We
used traction force microscopy to measure the forces generated by M1 and M2 polarized
macrophages and compared them to the forces generated by control, unpolarized, M0
macrophages. Macrophages were seeded on 10.4 kPa gels and polarized for 24 hours
into the M1 phenotype with INFγ and LPS or the M2 phenotype with IL-4 in AimV
supplemented with 2ng/mL M-CSF. M1 polarized macrophages were found to generate
significantly less traction force than M0 macrophages or M2 polarized macrophages, but
there was no significant difference in the force generated by M0 and M2 macrophages
(Figure 5.2A). This reduced force generation by M1 macrophages is due to a significant
reduction in traction stress (Figure 5.2B); the M1 and M2 polarized macrophages had a
significantly increased spread area on the gels compared to unpolarized M0 macrophages
(Figure 5.2C).

Force Generation by M0 and M2 but not M1 Macrophages Requires ROCK Activity
It has been shown that myosin contraction is necessary for force generation in
many types of cells [14, 15]. We therefore thought that ROCK signaling upstream of
myosin contraction would be necessary for traction force generation in polarized
macrophages. We polarized macrophages as described before, and then exposed the
polarized cells to the chemical inhibitor Y27632 to block ROCK activity for one hour.
We then measured the traction forces of the inhibited cells in the continued presence of
the inhibitor. We found that both M0 and M2 polarized macrophages produced
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Figure 5.2: Traction force generation by polarized macrophages. (A) Traction force
generated by M0, M1, and M2 macrophages on 10,400Pa. (B) Traction stresses
generated by M0, M1, and M2 macrophages. (C) Area of M0, M1, and M2 macrophages.
(n > 50 per condition) Error bars are standard error. * indicates p < 0.05 and ** indicates
p < 0.002.
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significantly less force under ROCK inhibition than they did when uninhibited (Figure
5.3A). This reduction in traction stress is due to a significant reduction in traction stress
(Figure 5.3B) but was also caused by a reduction in area in M2 macrophages (Figure
5.3C). Interestingly, M1 macrophages had no reduction in force generation, indicating
that the small force generated by M1 macrophages are not due to myosin contraction.
There was no significant difference seen in the force generation, traction stress, or area
between M0, M1, and M2 polarized macrophages when ROCK is inhibited. It is
therefore possible that the differences in the mechanical phenotypes between M0-M1 and
M1-M2 polarized macrophages are largely due to differences in myosin contraction.
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Figure 5.3: Traction force generated by polarized macrophages under ROCK inhibition.
(A) Traction forces of control M0, M1, and M2 macrophages and macrophages under
ROCK inhibition. (B) Traction stresses of polarized macrophages under ROCK
inhibition. (C) Area of control and ROCK inhibited M0, M1, and M2 polarized
macrophages. (n > 20 per condition) Error bars are standard error. * indicates p < 0.05
and ** indicates p < 0.002.
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DISCUSSION
Previous studies have shown that macrophages can be activated by cues in their
environment and that this activation alters the behavior of these cells in both healthy
immune responses and in disease [7, 8, 11]. Furthermore, it has been suggested that
mechanical signals such as cell shape can also alter the activation status of macrophages
[2]. We have shown that on polyacrylamide gels, M1 polarized macrophages are
significantly less motile and M2 polarized macrophages are significantly more motile
than unpolarized macrophages. This result agrees with a previous study that found
reduced motility in M1 macrophages and increased motility in M2 macrophages in both
3D matrigel and 2D transwell assays [6]. It has also been previously reported that the M2
macrophages migrate and chemotax toward several chemokines more efficiently than M1
macrophages using a TAXIScan assay [7]. The study presented in this chapter is the first
to directly quantify the random motility of M0, M1, and M2 polarized macrophages. The
finding presented by this study and others that M1 polarized macrophages lose motility
and M2 polarized macrophages gain increased motility agrees with the physiological
roles of polarized macrophages. M1 macrophages are pro-inflammatory macrophages
present at the beginning stages of an active immune response [10]; therefore, it makes
sense that upon arriving at the site of inflammation and becoming polarized these cells
would no longer need to migrate. Their primary role is to remain at the site of infection,
clearing away pathogens and activating the adaptive immune response [1]. In contrast,
M2 macrophages are present at the resolution of an immune response and secrete antiinflammatory cytokines to dampen the adaptive immune response [10]. It is therefore
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important that M2 macrophages migrate away from the site of infection. In addition to
aiding in the normal function of M2 macrophages in an immune response their increased
migration might explain their role in cancer metastasis. The presence of M2
macrophages at the site of a tumor is often associated with increased metastatic potential
and a poor patient prognosis [9, 10, 16, 17]. Furthermore, macrophages have been
observed co-migrating with tumor cells away from solid tumors and toward the
vasculature suggesting that macrophage may aid tumor cell entry into blood vessels [18].
It is possible that this increased migration seen in M2 macrophages could assist in
metastasis and may be a potential therapeutic target in the future [19, 20].
In addition to increased migration, it has also been shown that mechanical
phenotypes can be altered by macrophage polarization. Specifically, macrophage
polarization has been reported to alter the morphology of human macrophages with M2
macrophage becoming far more elongated while M1 macrophages remain rounded [21].
Furthermore, it has been shown that cell shape is sufficient to polarize macrophages in
the absence of chemical stimuli, and cell elongation can protect against M1 polarization
by chemical stimuli [2]. This result indicated that macrophage polarization has an effect
on the mechanical machinery of the cells. We found that M1 polarization led to a
significant reduction in force generation by polarized macrophages, but no significant
difference was found between M0 and M2 macrophages. It was also shown that this
change in force was directly caused by a change in the traction stresses the cells
generated on their substrate. These results together indicate that macrophage polarization
directly alters the mechanical properties of the cells.
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We have previously shown that myosin II contraction through ROCK is important
for macrophage force generation, confirming the results of others that myosin II is
directly involved in force generation [14]. We therefore sought to determine the role of
ROCK signaling in force generation by polarized macrophages. We found that loss of
myosin II contraction through the chemical ROCK inhibitor Y27632 led to a significant
decrease in the force generated by M0 and M2 macrophages, in agreement with our
previous results. Interestingly, the force generated by M1 macrophages was unchanged
by ROCK inhibition. The forces generated by M0, M1, and M2 polarized macrophages
under ROCK inhibition were not significantly different, indicating that the increased
force generated by M0 and M2 macrophages is dependent on myosin II contraction. This
also suggests that a second force generating mechanism, not dependent on myosin II
contraction, is present in all three polarized macrophage subsets and equally contributes
to their force generation.
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CONCLUSIONS
We have been able to show that polarization changes the motility and force
generation capabilities of macrophages. Specifically, we showed that M1 macrophages
have reduced motility and M2 macrophages have increased motility compared to
unpolarized macrophages. Furthermore, we found that M1 macrophages generate
significantly less force than M0 and M2 macrophages but M2 macrophages have no
significant change in force compared to M0 macrophages. Finally, we showed that
myosin II contraction through ROCK is important for force generation in M0 and M2
macrophages but not M1 macrophages, indicating a second myosin-independent force
generation mechanism. Overall, we have shown that polarization not only changes the
chemical makeup of macrophages but can also change their mechanical properties. In the
future, the differential force generation and motility mechanisms between M1 and M2
macrophages might serve as therapeutic targets in a number of diseases specifically
associated with either M1 or M2 macrophages.

149

REFERENCES
1.

Biswas, S.K., et al., Macrophage polarization and plasticity in health and disease.
Immunol Res, 2012. 53(1-3): p. 11-24.

2.

McWhorter, F.Y., et al., Modulation of macrophage phenotype by cell shape. Proc
Natl Acad Sci U S A, 2013. 110(43): p. 17253-8.

3.

Murray, P.J., et al., Macrophage activation and polarization: nomenclature and
experimental guidelines. Immunity, 2014. 41(1): p. 14-20.

4.

Ambarus, C.A., et al., Systematic validation of specific phenotypic markers for in
vitro polarized human macrophages. J Immunol Methods, 2012. 375(1-2): p. 196206.

5.

Vogel, D.Y., et al., Human macrophage polarization in vitro: maturation and
activation methods compared. Immunobiology, 2014. 219(9): p. 695-703.

6.

Cougoule, C., et al., Blood leukocytes and macrophages of various phenotypes
have distinct abilities to form podosomes and to migrate in 3D environments. Eur
J Cell Biol, 2012. 91(11-12): p. 938-49.

7.

Vogel, D.Y., et al., Macrophages migrate in an activation-dependent manner to
chemokines involved in neuroinflammation. J Neuroinflammation, 2014. 11: p.
23.

8.

Oh, D.Y., et al., Increased macrophage migration into adipose tissue in obese
mice. Diabetes, 2012. 61(2): p. 346-54.

9.

Mantovani, A. and A. Sica, Macrophages, innate immunity and cancer: balance,
tolerance, and diversity. Curr Opin Immunol, 2010. 22(2): p. 231-7.
150

10.

Mantovani, A., et al., Macrophage polarization: tumor-associated macrophages
as a paradigm for polarized M2 mononuclear phagocytes. Trends Immunol,
2002. 23(11): p. 549-55.

11.

Condeelis, J. and J.W. Pollard, Macrophages: obligate partners for tumor cell
migration, invasion, and metastasis. Cell, 2006. 124(2): p. 263-6.

12.

Dunn, G.A., Characterising a kinesis response: time averaged measures of cell
speed and directional persistence. Agents Actions Suppl, 1983. 12: p. 14-33.

13.

Dembo, M. and Y.L. Wang, Stresses at the cell-to-substrate interface during
locomotion of fibroblasts. Biophys J, 1999. 76(4): p. 2307-16.

14.

Jannat, R.A., M. Dembo, and D.A. Hammer, Traction forces of neutrophils
migrating on compliant substrates. Biophys J, 2011. 101(3): p. 575-84.

15.

Worthylake, R.A., et al., RhoA is required for monocyte tail retraction during
transendothelial migration. J Cell Biol, 2001. 154(1): p. 147-60.

16.

Hao, N.B., et al., Macrophages in tumor microenvironments and the progression
of tumors. Clin Dev Immunol, 2012. 2012: p. 948098.

17.

Solinas, G., et al., Tumor-conditioned macrophages secrete migration-stimulating
factor: a new marker for M2-polarization, influencing tumor cell motility. J
Immunol, 2010. 185(1): p. 642-52.

18.

Sharma, V.P., et al., Reconstitution of in vivo macrophage-tumor cell pairing and
streaming motility on one-dimensional micro-patterned substrates. Intravital,
2012. 1(1): p. 77-85.

151

19.

Biswas, S.K. and A. Mantovani, Macrophage plasticity and interaction with
lymphocyte subsets: cancer as a paradigm. Nat Immunol, 2010. 11(10): p. 88996.

20.

Chioda, M., et al., Myeloid cell diversification and complexity: an old concept
with new turns in oncology. Cancer Metastasis Rev, 2011. 30(1): p. 27-43.

21.

Waldo, S.W., et al., Heterogeneity of human macrophages in culture and in
atherosclerotic plaques. Am J Pathol, 2008. 172(4): p. 1112-26.

152

CHAPTER 6: CONCLUSIONS AND FUTURE
WORK

SPECIFIC AIMS
The research presented in this thesis shows that we were able to use engineered
substrates to investigate the signaling proteins and mechanical mechanisms involved in
macrophage migration. The specific aims of this work were as follows:

Aim 1: Macrophage Chemokinesis on Microcontact Printed PDMS Substrates.

Aim 2: Traction Force Generation by Primary Human Macrophages.

Aim 3: M1 and M2 Polarized Primary Human Macrophage Motility and Force
Generation.

SPECIFIC FINDINGS
Macrophage Chemokinesis on Microcontact Printed PDMS Substrates
We first investigated the chemokinetic migration of RAW/LR5 murine
macrophages on PDMS substrates microcontact printed with the extracellular matrix
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protein fibronectin. We hypothesized that these substrates would be ideal for observing
the migration of macrophages, which are inherently highly adhesive cells, because of
their ability to be functionally blocked with pluronics, eliminating any cell-surface
interactions [1]. Furthermore, it has been shown that leukocytes can bind to the common
blocking agent BSA through their β2 integrin [2]; therefore, the functional blocking
capabilities eliminate any confounding integrin-binding interactions. We showed that
macrophages could efficiently migrate and form typical podosome adhesion structures on
these microcontact printed surfaces. We found that the random migration of these cells
was biphasic with increasing concentration of the printed fibronectin ligand or the soluble
chemokine CSF-1. Through chemical inhibition we showed that PI3K signaling is
necessary for the polarization and migration of these cells. We also showed that the loss
of Cdc42 activity by protein knockdown lead to complete loss of podosome formation
and a non-significant reduction in motility. Finally, we inhibited ROCK activity with
chemical inhibition and found a new phenotypic switch between cells on low and high
concentrations of fibronectin. Macrophages migrating on 10 µg/mL or higher
concentrations of fibronectin had a low but constant random migration and were unable
to retract their trailing edge, leaving behind long tails. In contrast, macrophages on 5
µg/mL or lower concentrations of fibronectin had a much higher and constant rate of
migration and morphologically were rounded with short tails that snapped back to the cell
body during migration. We were successfully able to show that microcontact printed
surfaces are an optimal platform for studying the migration of macrophages and the
influence of integrin binding on migration without confounding cell-surface or cell154

blocking agent interactions. In the future, these surfaces can serve as a better tool for
studying the migration of any cell and the effect of surface ligand-cell interactions.

Force Generation by Primary Human Macrophages
The signaling mechanisms underlying macrophage migration have been well
studied [3-5], but the mechanical mechanisms underlying macrophage migration have not
previously been studied. We used traction force microscopy to show that macrophages
generate strong forces at the leading edge of migrating cells. Substrate stiffness has been
shown to regulate a number of cellular processes including cell adhesion [6], spreading
[7], differentiation [8], and migration [9, 10]. We have now shown that force generation
by primary human macrophages is also a stiffness-dependent process, with cells on stiffer
gels producing larger forces than those on soft gels. This increased force generation was
caused by an increase in traction stress as the spread area of the cells actually showed a
biphasic behavior in relation to substrate stiffness. Chemical inhibition of either ROCK
activity with Y27632 or myosin II activity with Blebbistatin lead to a significant decrease
in force, indicating that myosin contraction is required for proper force production by
macrophages. PI3K activity was also found to be necessary for force generation as
inhibition with the inhibitor LY294002 caused a significant reduction in macrophage
force. Finally, an investigation of the role of Rac signaling in force generation showed
that Rac signaling is important, but only when activated by certain Rac GEFs. The
chemical inhibitor NSC23766, which blocks Rac activation by Tiam1, did not cause any
change in force generation. In contrast, the inhibitor 6-thio-GTP, which blocks Rac
activation by Vav1, caused a significant decrease in force generation. These results
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suggest that Rac activation is GEF-specific and signaling downstream of Rac is
dependent on the Rac activation reaction. This study represents the first major
investigation of macrophage force generation and the signaling mechanisms involved in
the mechanical processes driving macrophage migration.

M1 and M2 Polarized Macrophage Motility and Force Generation
Macrophages are a heterogeneous population of cells capable of many functions
and they can be activated down different pathways by soluble factors in their
environment [11]. This activation, or polarization, can lead to a change in the
transcription profile, surface receptor expression, and functional phenotype of the
macrophage [12]. It has been previously reported that M1 and M2 polarized
macrophages display significant differences in morphology and migration [11, 13].
Furthermore, it has been shown that the activation status of macrophages can be altered
by cell shape [14], indicating that mechanics is involved in macrophage polarization. We
have now shown that macrophage polarization has a significant effect on their migration
and force generation on compliant polyacrylamide gels. We found that macrophages
polarized into the M2 phenotype were significantly more motile than unpolarized (M0)
macrophages or M1 macrophages as illustrated by the random motility coefficient. M1
macrophages showed a significant reduction in motility compared to both M0 and M2
macrophages. We also found that M1 polarized macrophages generated significantly less
traction force than M0 macrophages or M2 polarized macrophages, but there was no
significant difference in the force generated by M0 and M2 macrophages. This reduced
force generation by M1 macrophages was due to a significant reduction in traction stress;
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the M1 and M2 polarized macrophages had a significantly increased spread area on the
gels compared to unpolarized M0 macrophages. The discovery that polarized
macrophages have different mechanical outputs in addition to differing chemical signals
could prove important in diseases such as cancer, where one type of polarized
macrophage is commonly found in much higher numbers than another [15].

FUTURE WORK
Chemotaxis of Macrophages on Motility and Force Generation
In the body, macrophages must move up and down gradients of signaling proteins
to efficiently reach sites of infection and inflammation. This process of directional
migration is known as chemotaxis. It has been well documented that the mechanisms and
cellular signaling necessary for chemokinesis and chemotaxis are not always the same [4,
16, 17]. For example in macrophages, it has been previously reported that Cdc42 is not
necessary for random migration but rather acts as a directional sensor and is critical for
chemotaxis [4]. It would therefore be instructional to determine which signaling
molecules are necessary for macrophage chemotaxis on different concentrations of
microcontact printed fibronectin. The mechanical mechanisms driving cell migration can
also differ between cells in a uniform field versus a gradient of chemokine. It has been
shown that neutrophils generate stronger traction stresses when chemotaxing than they do
when undergoing random migration and that these tractions are more organized[10]. It
would be interesting to see if the forces generated by macrophages would change in
magnitude or location during chemotaxis. Finally, it would be interesting to determine if
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the signaling proteins necessary for force generation in a gradient are different than those
in a uniform field of chemokine. Our lab has previously used a “Christmas Tree”
microfluidic device to investigate cells undergoing chemotaxis [10, 18]. This device is
compatible with both the microcontact printed PDMS surfaces and the gels used in
traction force microscopy. Unfortunately, many attempts to look at macrophage
chemotaxis using this device failed because of the flow necessary to maintain the
gradient (data not shown). Without flow, macrophages migrated normally, but when
flow was introduced, the cells stopped migrating, firmly adhered to the substrate, and
eventually died. A point-source experiment was also attempted, but the inability to
reproduce the experimental setup and long migration times necessary for efficient
macrophage migration caused problems with this assay as well. In the future, a flow-free
system that allows for a stable gradient to be formed over long periods of time could be
integrated with the substrates used in this thesis to study macrophage chemotaxis.

Stiffness Effect on Cellular Signaling
We were able to show that the force a macrophage generates is dependent on the
stiffness of its underlying matrix. We have also shown that this force generation is
dependent on myosin contraction as well as PI3K and Rac signaling. We did not,
however, explore the possibility that the signaling by these molecules is also stiffnessdependent. It has been previously shown that cells can produce different signals on soft
substrates versus stiff substrates, but the exact mechanism by which cells sense the
stiffness of their matrix and respond is still unknown [8]. It would be interesting to
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determine if some signaling proteins are more or less important for force generation on
different stiffness matrixes.

Correlation between Podosome Dynamics and Force Generation
It has previously been shown that macrophage podosomes are necessary for
macrophage chemotaxis and matrix degradation, but no direct link between podosomes
and motility has been shown [19, 20]. In fact, known regulators of podosome formation
such as WASp and Cdc42 are not necessary for random migration in macrophages [20].
We have been able to visualize the podosome dynamics as indicated by formation of
small punctate actin structures using a LifeAct-GFP construct (Figure 6.1). It would be
possible to simultaneously image the podosome dynamics and the fluorescent beads
necessary for traction force measurements using two fluorescent channels on a spinning
disk confocal microscope. The podosome formation could then be overlaid with the
traction maps to determine if the assembly or disassembly of podosome is correlated to
the presence or absence of new traction forces at the leading edge of the cell.
Furthermore, chemical inhibitors that block signaling proteins necessary for the
formation of podosomes, such as the ML 141 that specifically blocks Cdc42 activity,
could be used to determine the necessity of podosomes for efficient force generation.

Force Generation by Tumor Conditioned Macrophages
Macrophages, specifically tumor-associated macrophages, or TAMs, are
associated with poor prognosis in most types of cancer [15]. Recently, the activation
state of these macrophages has been determined to resemble that of an M2 polarized
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macrophage [21]. Furthermore, M2 polarized macrophages and TAMs have been shown
to upregulate their migration and the migration of tumor cells [22]. It would therefore be
interesting to determine how exposure to tumor-conditioned media or co-culture with
tumor cells changes the migration and force profiles of primary human macrophages.
Macrophages could be differentiated or stimulated with tumor-conditioned media prior to
traction force measurements being taken. Alternatively, macrophages and tumor cells
could be labeled and co-cultured prior to force generation measurements. It is possible
that the force generation profiles of both the conditioned macrophages and the tumor
cells would change as a result of their exposure to the other cell type. Finally, it would be
interesting to determine if the force profiles of tumor conditioned macrophages matched
that of M2 polarized macrophages since they have been shown to have similar signaling
markers.
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Figure 6.1: Primary human macrophage transfected with LifeAct-GFP. Small punctate
actin structures indicate the presence of podosomes.
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FINAL THOUGHTS
The importance of macrophage migration, in both maintaining homeostasis and in
disease pathogenesis, cannot be overstated. Without macrophage migration the body is
unable to defend itself against pathogens and improper regulation of this migration can
contribute to disease progression. Because of their role as master regulators during the
immune response and their role in disease, macrophages are also an attractive therapeutic
target in a number of disease models. It is therefore critical that we completely
understand the signaling and mechanical mechanisms that drive macrophage motility. In
this thesis, we have successfully used engineered substrates to uncover unique aspects of
macrophage migration and hope that in the future this work will continue to inspire the
development and use of new tools to study macrophage migration.
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